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Abstract 

In this dissertation, I developed microfabrication techniques to produce oil-free soft materials 

using all-aqueous fluid systems, for biological and biomedical applications. To generate soft-

materials in conventional platforms, typically, organic solvents are used, which are not compatible 

with biological environments and thus require extensive washing steps to remove the toxic phase. 

I first demonstrated a technique to fabricate non-spherical hydrogels based on 

electrohydrodynamic atomization. In this study, I investigated the effect of experimental parameter 

changes on the morphology of the fabricated particles. Moreover, carboxylated magnetic beads 

were used to functionalize the particles while the particle shape is preserved. These particles can 

be used for magnetic separation schemes. I used breast cancer cells (BT-474) to examine the 

potential of these particles for cell encapsulation.  

Aqueous-two phase systems (ATPS) are used as an organic solvent free two-phase system to 

generate single, double, and triple emulsions. However, most ATPSs have very low interfacial 

tensions, so conventional microfluidic methods cannot fabricate ATPS emulsions with a 

reasonable throughput, and in most cases, an external component to perturb the flow is needed to 

induce droplet formation. In the second half of this dissertation, I have designed and fabricated 

lithography-based microfluidic devices in which micro-conduits are embedded coaxially inside 
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the microchannel to isolate the disperse phases from the channel walls, thereby circumventing the 

surface wetting problems that prevent successful droplet formation. This method benefits from the 

flexibility of choosing the disperse and continuous phases independently and permits the switching 

of the phase order to facilitate the formation of aqueous emulsions, regardless of their physical 

properties such as hydrophobicity. The configuration of this microfluidics platform also enables 

the focusing of two or three concentric threads of ATPS without channel-wetting problems. This 

approach facilitates the fabrication of higher order emulsions using already phase separated ATPS 

in a polydimethylsiloxane (PDMS)-based microfluidic device.  
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Chapter 1: Introduction 

1.1 Motivation 

Scientists have extensively investigated, both in theory and experiments, the fabrication of soft 

biomaterials such as particles, hydrogels, and emulsions. Over the past decades, with the growth 

of interdisciplinary fields of research, such as biotechnology development, the demand for soft 

biomaterials technology has increased. In biotechnology, soft biomaterials have been used for a 

broad range of applications such as tissue engineering [1], [2], cell encapsulation [3], cell 

transplantation and immune protection [4], single-cell analysis [5], and delivery systems [6], [7]. 

The importance of these biomaterials can be understood by examining a historical count of articles 

on the topic. Figure 1.1 shows the results of searching the words “hydrogel” and “droplet” on 

Scopus. There has been an exponential increase in the number of articles investigating such 

biomaterials. In this figure, the number of articles published on the topic of aqueous two-phase 

systems (ATPS) since 1950, is shown as well. This data demonstrates the interest in such materials 

by the scientific community. 

Soft biomaterials provide unique features that in turn make them suitable for delivery applications. 

For instance, their small-scale nature has enabled higher efficacy drug delivery with greater 

stability, solubility, and the administration of lower drug doses [8]. The monodispersity—

uniformity in size—of these carriers can be advantageous toward the prediction of drug release 

time in the pharmaceutical industry [8]. These carriers can be functionalized to control drug release 

by triggering disruption of the capsule vehicle using various remote stimuli such as temperature, 

pH, magnetization [9]–[12], optics [13]–[18], and ultrasound [19] for delivery. 
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Figure 1.1: Plot showing the increase in the number of publications used the keywords “hydrogel”, “droplet”, and 

“ATPS” since 1950.  

However, the application of these techniques is relatively expensive and complicated, imposing 

barriers for their commercialization. The development of these advanced methods has improved 

the function of drug vehicles, but there are still more improvements to be made. 

Recent studies of drug delivery particles emphasize how their morphology dictates the release 

mechanism in drug delivery [20], [21]. Morphological changes affect the delivery mechanism 

inside the body. Moreover, particle morphology can affect the particles’ transportation and 

circulation throughout the body [22], [23]; for example, non-spherical particles exhibit better 

delivery dynamics in the body compared to spherical particles [20]. Lastly, it has been shown that 

morphology impacts drug release pharmacokinetics [24], and the targeting ability of drug-carrying 

particles [20]. These properties are all vital factors that impact the efficacy of drug delivery.  

In order to use hydrogels and emulsions in biological applications, all the solutions need to be low 

toxicity and biocompatible, and biodegradable. Existing techniques are coupled with at least one 

biologically-incompatible agent that requires additional steps to reduce its harmful effects. For 
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emulsions in particular, one of the phases is selected to be oil to increase the interfacial tension 

between the phases and induce droplet breakup. Since most oil phases are not biocompatible, the 

oil phases must be removed before in vivo use. To achieve complete removal of oil from the 

system, it requires post-processing washing steps [25] which are labour intensive and time-

consuming [26].  

For these reasons, using biocompatible and biodegradable materials for drug delivery systems can 

be beneficial to the pharmaceutical industry. This could also reduce the required time to obtain 

approval from health authorities such as Health Canada and the U.S. Food and Drug 

Administration (FDA) in both pre-clinical and clinical stages.  

In addition to improving the functionality and efficacy of drug vehicles, the affordability of 

existing techniques for mass production also needs to be considered. The low throughput of many 

developed techniques prevents their transition to a clinical setting. Improving the production rate 

of these techniques would help to implement them more efficiently.  

The research presented in this dissertation demonstrates novel techniques for generating oil-free 

particles using all-aqueous systems with improved throughput. Since these hydrogels and 

emulsions are oil-free and generated using all-aqueous systems, they may be able to address 

biomedicine and biological needs, such as those in drug delivery applications, single-cell 

encapsulation and analysis, immunoisolating cells for cellular transplantation, and three-

dimensionally (3D) cell culture. 

1.2 Background 

In this section, some basic theoretical concepts of the tools and techniques used in this research 

are introduced.  

1.2.1 Oil-free two-phase systems 

Soft biomaterials can be defined as a mixture of two phases that are typically immiscible. 

Emulsions are colloids with a stable suspension of one immiscible liquid in the form of droplets 

within another. The fluid forming the emulsions is known as the dispersed phase. The fluid 

containing this dispersed phase is known as the continuous phase. A classic example of one such 

system is a mixture of vinegar and olive oil. The same concept is used for the fabrication of soft 
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biomaterials whether they are hydrogels or droplets. Traditionally, in order to control the particle 

fabrication process, an oil-based phase along with an aqueous-based phase are used because of 

their high interfacial tension. 

In biomedical investigations, the use of oil or surfactant may lead to cytocompatibility issues and 

compromise the viability of the biological cargo [27].
 In addition to the biocompatibility issues 

that arise from using an oil phase in droplet microfluidics, the use of oil may hinder the size 

reduction of the droplets due to the high interfacial tension between the oil and aqueous phases 

[28], [29]. In order to reduce the interfacial tension, in conventional systems, a powerful surfactant 

is required in the system that may have a negative effect on the biological materials. For biological 

applications, circumventing problems linked to the presence of oil requires a cumbersome washing 

step to complete oil removal [30]. These washing steps are highly time- and labour-consuming 

[26]. 

ATPSs are biologically acceptable alternatives for traditional oil-water biphasic systems. ATPS 

was accidentally discovered by Martinus Willem Beijerinck in 1896 while he was working with a 

mixture of agar and starch or gelatine [31], and later Per-Åke Albertsson investigated its 

applications in biotechnology [32], [33]. These systems are composed of a mixture of two 

incompatible polymers, or a polymer and a salt, mixed in an aqueous medium that spontaneously 

phase separates into two phases [34]. ATPSs have a complex nature of molecular interactions that 

make each system relatively unique [35]. To characterize each ATPS individually, a phase diagram 

is required. A sample phase diagram of ATPS with poly(ethylene) glycol (PEG) and dextran 

(DEX) is presented in Figure 1.2. The binodal curve divides the plot into two regions: polymer 

concentrations below the binodal curve result in a single liquid phase, and concentrations above 

the binodal curve results in phase separation.  

Phase separation in polymer-polymer aqueous systems is a very common but sophisticated 

phenomenon that is dependant on various parameters and characteristics of the system. The main 

reason that phase separation is a spontaneous phenomenon is due to the high molecular weight of 

the polymers and their resulting low entropy of mixing [36]. This means that if the interaction 

between different polymer segments is repulsive and energetically unfavourable, then phase 

separation occurs [37].  
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Figure 1.2: A phase diagram for ATPS with PEG (Mw: 35 kDa) and DEX (Mw: 500 kDa). Selecting initial 

compositions below the binodal curve leads to a mixture of both phases into a single phase, while the selection of the 

initial composition above the binodal curve forms a biphasic system [38].  

Upon the mixing of the polymers at sufficiently high concentrations, one phase separates into the 

disperse phase, and the other phase separates into the continuous phase. In general, the dispersed 

droplets experience three forces, and the balance between these forces determine the movement of 

the aforementioned droplets [39]. These three forces are gravitational, flotational, and frictional, 

in which the gravitational component scales with the disperse phase density, the frictional part is 

a function of the continuous phase viscosity, and always impedes drop movement, while the 

flotational component depends on flow properties [40]. These three forces, combined with 

interfacial tension, determine the coalescence of the disperse phase [41] and lead to phase 

separation.  

Albertsson suggested a model consisting of six different factors in the logarithmic term that each 

has a different effect on the partitioning [32], as follow:  

Ln 𝐾 = Ln 𝐾𝑒𝑙𝑒𝑐 + Ln 𝐾ℎ𝑓𝑜𝑏 + Ln 𝐾𝑎𝑓𝑓𝑖𝑛𝑖𝑡𝑦 + Ln 𝐾𝑠𝑖𝑧𝑒 + Ln 𝐾𝑐𝑜𝑛𝑓 + Ln 𝐾0                (1.1) 
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Wherein Kelec, represents electrostatic effects; Khfob, denotes hydrophobic partitioning term; Kaffinity, 

stands for affinity interaction in the system; Ksize, denotes proteins and polymer size; Kconf, 

represents molecules’ conformational effects; and K0 considers other factors that may influence 

phase separation and partitioning in ATPS [42].  

Partitioning and phase separation in ATPS should ideally be based on chemical interactions of the 

system’s components [42] and this process, thermodynamically, is explained by Boltzmann 

equation [43]: 

                                                                𝐾 = 𝑒−
∆𝐸

𝑘𝑇                                                               (1.2) 

where K represents the partition coefficient, k = 1.381×10-27 [J/K] is Boltzmann’s constant, T [K] 

is absolute temperature, and ∆E [J] is the energy needed to move molecules to another state that is 

determined by the surface free energy between solutions.  

To calculate the free energy to determine ∆E [J], Flory-Huggins theory can be used: 

                                              ∆𝐺 = ∆𝐻- T∆𝑆                                                          (1.3) 

where ∆G [J] is the change in the free energy, ∆H [J] is the change in enthalpy, and T∆S [KJ/K] is 

the change in entropy.     

In general, the maximal phase separation occurs for higher values of the partition coefficient, K. 

As mentioned, there are different factors influencing the phase separation including physical 

conditions of ATPS such as temperature. In order to understand the effect of temperature on ATPS 

phase separation quantitatively, based on Boltzmann equation, increasing the temperature leads to 

an increase in the value of K, which results in better phase separation. Increasing the temperature, 

also, increase the internal energy of the system and this could be misinterpreted that the increased 

energy could counteract with the phase separation; however, it worth to mention that the changes 

in enthalpy of the system are constant.  

This scenario is consistent for many of ATPSs based on polymer-salt systems  [44]–[46], however, 

the influence of the temperature on ATPS systems comprised of PEG and DEX is different [47]. 

Better phase separation is obtained at a lower temperature for polymer-polymer ATPS systems 

[48]. Based on the model offered by Albertsson in equation (1.1), partition behaviour is dictated 

based on the six factors, and the influence of some of these factors could dominate the overall 
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behaviour of the system [49]. In ATPS systems comprised of PEG and DEX, Khfob and Kconf, 

dominate the partitioning behaviour. The hydrophobicity of PEG increases by increasing the 

temperature [50] and this is related to the changes of PEG conformations in aqueous solution in 

different temperatures with different dipole and energies [51]. This suggests that at lower 

temperatures there is a low-energy polar conformation in PEG that results in aqueous solubility 

and the polymer is less hydrophobic, while higher temperature makes it more hydrophobic and 

change the PEG-water interaction that leads to migration of water molecules from PEG-rich phase 

into the DEX-rich phase [47].  

ATPS has the advantage of being mild toward biological particles [52]. Due to this 

biocompatibility of ATPS, these biphasic systems are used in different biotechnological 

applications such as in partitioning of biomolecules [53], protein purification [54], and cell 

patterning [55]. 

The interfacial tension between the phases of an ATPS is generally very low, ranging from 10-6 to 

10-4 N/m [56] (about 400-fold less than for water-oil systems). Low interfacial tension could be 

beneficial to applying less stress on biomolecules during partitioning, however, for the fabrication 

of soft biomaterials such as droplets, it is problematic.  

In chapters 3 and 4, I develop novel technologies to overcome the ultralow interfacial tensions of 

ATPS and generate aqueous-based single, double, and triple emulsions. In conventional 

microfluidic devices, the disperse phase enters into a flow focusing junction while in contact with 

the top and bottom of channel walls. This complicates the droplet breakup process, and hindered 

the generation of ATPS emulsions. The platforms in this dissertation help to isolate the disperse 

phase(s) from the microchannel walls, and therefore, improve droplet production. 

1.2.2 Electrohydrodynamic atomization 

Electrohydrodynamic atomization (EHDA) facilitates the fabrication of microscale soft materials 

with a high production rate— up to 4 × 105 particles per second [57]. This technique is based on 

an electrical potential that is applied to a jet of fluid flowing out through a nozzle. The electrical 

force applied on the liquid jet forces the stream to break down into smaller droplets, a process 

called atomization. In this process, an electrical potential is generated between the positively 
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charged nozzle and a negatively charged metallic counter-electrode located underneath the emitter. 

The liquid jet is stripped of electrons, gaining a positive charge.  

Electrochemical reactions in EHDA 

Due to the effect of a high electric field, the liquid jet experiences an electrophoretic charge 

separation. This force drives positive ions in the fluid to move toward the meniscus and negative 

ions to migrate to the surface of the nozzle. The electrophoretic charge separation leads to charges 

on the liquid capacitor that impedes direct flow through the electric circuit of the system. This 

causes the oxidation of positive ions, and the reduction of the negative ions occur, and lead to the 

accumulation of charges on the jet of liquid. The excess surface charge on the fluid jet undergoes 

repulsion between droplets as they are all positively charged. Under specific conditions in which 

the electrostatic repulsion overcomes the surface tension force between air and the jet of liquid, 

charged droplets disperse uniformly from the tip of the liquid jet, forming a cone. The electrons in 

the positive ions of the droplets are neutralized when they contact the surface of the cathode of the 

high voltage power supply (Figure 1.3) [58]. 

 

Figure 1.3: Under the effect of a strong electric field, liquid at the positive electrode gains a net positive charge, where 

the positive ions collect at the apex of the generated cone. The electrostatic repulsion causes the excess surface charge 

to overcome the surface tension of the liquid, which leads to the generation of a monodisperse spray of positively 

charged droplets, which accelerate towards the cathode [59]. 

Spraying modes 
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The droplet generation in EHDA can occur in various spraying modes in which each mode is 

dependent on different parameters, such as the strength of the electric stress, its effect on the 

surface tension, and kinetic energy of the liquid jet that is spraying from the nozzle [8]. 

The surface charge created by the electric field determines the meniscus shape at the tip of the 

nozzle. As the charge increases in the liquid, the shape of the protruding liquid becomes conical. 

This shape is mainly attributed to a competition between the dominance of electrostatic pressure 

(PE) and surface tension pressure (Pγ). PE is a repulsive force that is acting normal to the liquid 

surface in an outward direction and Pγ is the surface tension force between the interface of air and 

liquid jet acting in the opposite direction of the electrostatic repulsive force to minimize the surface 

area [60]. When these two pressures are balanced, a cone with an angle of 99º is formed, also 

known as a Taylor cone [61] (Figure 1.4). 

 

 

Figure 1.4: The equilibrium of the electrostatic and surface tension pressures results in the formation of the Taylor 

cone, with a whole angle of 99º. The apex of the cone experiences the highest intensity of the electric field [60]. 

Increasing the charge at the apex of the cone causes the electrostatic pressure to overcome the 

surface tension pressure and elongate the cone, then finally charged droplets start to form flowing 

towards the cathode (Figure 1.5). 
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Figure 1.5: Increase in the voltage causes the meniscus to deform to a conical shape, and charged droplets start to form 

from the jet of liquid [8]. 

The surface tension induces a pressure Pγ,  which is equal to the product of the surface tension of 

the liquid γ and curvature of the nozzle’s tip κ = (1 𝑟⁄ ) [62].  

𝑃𝛾 = 𝛾 𝜅                                                                       (1.4) 

The electrostatic pressure, PE, is proportional to E2, where E represents the electric field, and ɛ0, 

which is the vacuum permittivity of the liquid [62]. 

𝑃𝐸 = 0.5ɛ0𝐸2 𝜅                                                                   (1.5) 

In order to form the Taylor cone, a critical voltage value, 𝑉𝑐 , is needed. This voltage is proportional 

to the root of the product of the surface tension, 𝛾, and distance from the tip of the nozzle to the 

counter electrode (cathode), Lt. Increasing the voltage beyond 𝑉𝑐  results in an increase in 

electrostatic pressure 𝑃𝐸, and as a result,  the Taylor cone elongates and droplets start to form [62]. 

The critical voltage 𝑉𝑐  is calculated as: 

𝑉𝑐 = 0.863 √(
𝛾𝐿𝑡 

ɛ0
)                                                                 (1.6) 

As the charged liquid start to form droplets—beyond 𝑉𝑐—the excess charge in the liquid at the tip 

of the nozzle decreases. This sudden loss of charge causes the system to stop spraying droplets and 

is followed by electrochemical reactions, which produce excess charge resulting in the generation 

of charged droplets. These cyclic reactions continue, and produce a successful spray of the liquid 

[60].  

EHDA is a well-established, simple, and high-throughput technique that can be used in a range of 

different applications. These applications include the fabrication of micro- and nanoparticles and 

polymeric structures [63]–[65], encapsulation [66], [67], microbubble generation [68]–[70], 

preparation of multilayered polymeric structures [63], and food products [71]. 

1.2.3 Microfluidics 

Microfluidics is another approach commonly used for the fabrication of soft-materials for 

biomedical applications.  Microfluidics is the science of fluid behaviour in micro- and nano-scale 
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[72]. In these systems, since the fluid is geometrically constrained to a small scale, the fluid 

exhibits unique physical phenomena compared to that on a macroscopic scale. These phenomena 

include the dominance of capillary forces for mass transport, the presence of laminar flow, and 

negligible gravity due to the small size of the system.  

Droplet microfluidics 

Droplet microfluidics is a subcategory of microfluidics, focused on making discrete droplets inside 

a microchannel through immiscible multiphase flows [73] with low Reynolds number and laminar 

flow [74]. Droplet microfluidics makes it possible to conveniently handle small volumes of a liquid 

from microliters to femtoliters. Droplets in microchannels are generated by using two immiscible 

fluids. Of the phases formed, the one that forms droplets in a confining phase is referred to as the 

droplet phase, while the phase containing the droplets is referred to as the continuous phase.  

Droplets are mainly generated in three different channel geometries: coaxial, T-junction, and flow-

focusing. In chapters 3 and 4, flow-focusing geometries are used. In these geometries, the disperse 

phase flows through a junction where the two phases meet. Then, the viscous forces applied by the 

continuous phase tends to extend and stretch the interface between the phases while the interfacial 

tension tends to reduce the interfacial area. The interaction of these forces leads to the formation 

of a dripping, jetting, or stable co-flow regime [75]. A schematic diagram of these three different 

regimes is illustrated in Figure 1.6.  

 

Figure 1.6: Schematic of flow-focusing microfluidic devices under three different regimes [75].  

The aforementioned balance between the viscous force and the interfacial tension force is studied 

using a dimensionless number known as the capillary number, Ca, where, 

                                                          𝐶𝑎 =
𝜇𝑈

𝛾
.                                                            (1.7) 

Here, µ is the dynamic viscosity of the continuous phase, U is the average velocity of the fluid 

inside the channel, and γ is the interfacial tension between the disperse and continuous phases. At 
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lower Ca the interfacial tension dominates, and the disperse phase forms spherical droplets under 

the dripping regime. In this scenario, the generated droplets are generally monodisperse.  

However, for immiscible fluids with lower values of interfacial tension, the capillary number is 

higher, and droplet generation tends to occur in a jetting regime. The generated droplets in this 

regime have a higher size variation.  

Ca is the most important non-dimensional number for droplet formation in the field of 

microfluidics. In droplet generation microfluidic systems, oil-water systems have Ca = 10−3 to 10+1 

[75]. Droplet generation in microfluidics using ATPS occurs in the same range, however the 

interfacial tension in this system is about three to five orders of magnitude lower than that in oil-

water systems [56]. Consequently, to maintain the Ca within the range of possible droplet 

formation, the average velocity of the fluid inside the microchannel needs to be decreased. Without 

such a reduction in velocity, the system will generate a stable thread inside the channel (see above 

Figure 1.6). Lowering the average velocity this way also diminishes the throughput. Therefore, 

ATPS droplet microfluidics usually have much lower throughput, compared to generation using 

water-oil systems.   

1.3 Objectives and hypothesis 

The main objective of my research in this dissertation is the controlled generation of soft 

biomaterials using all-aqueous systems. These soft biomaterials can be used in biomedical and 

biomedicine applications without any washing steps after their synthesis. These systems also help 

to maintain the viability of the biological cargo including encapsulated cells since there is no 

organic solvent phase involved. The main objective of this research is to achieve by accomplishing 

the following secondary objectives: 

The controlled fabrication of non-spherical biocompatible and biodegradable microparticles using 

aqueous fluids. Recent studies have revealed that the morphology and shape of drug-carrier 

particles affect the release mechanism of drug delivery [20], [21]. Utilizing EHDA could be 

beneficial towards the fabrication of non-spherical particles using all-aqueous systems. I 

hypothesize that there are three main parameters that could define the shape of fabricated particles. 

First, increasing the distance between the nozzle and the collection bath increases the impacting 

energy of the droplets to the bath surface and causes to spread the droplet on the free surface before 



 

13 

polymerization occurs. Second, increasing the polymerization initiator concentration in the liquid 

bath causes to increase the polymerization rate of the alginate-calcium particles and freezes the 

impacted particles faster. And thirdly, increasing the magnitude of the shear stresses exerted on 

the microparticles inside the collecting bath by the flowing of the liquid of the bath using a 

magnetic stirrer causes a curvature in the tails of the microparticles (Chapter 2). 

Development of a microfluidic device to fabricate all-aqueous microdroplets using ATPS in a 

higher production rate compared with existing techniques. This platform is required to be able to 

generate droplets of both ATPS phases, either one containing the other. In the current ATPS 

droplet microfluidic platforms, introducing the disperse phase to a flow focusing junction while in 

contact with the top and bottom channel walls. This contact prevents a facile production of the 

droplets and is just as valid for the cases of the more hydrophilic disperse phase, DEX. I 

hypothesize that inserting a microneedle into the centre of the channel would help to isolate the 

disperse phase from top and bottom walls and facilitate a higher production rate. Moreover, with 

this configuration, the fabrication of PEG droplets is possible (Chapter 3). 

Development of a novel microfluidic platform to generate double and triple emulsions using ATPS 

system where the phase separation is concurrent. The production of higher order ATPS emulsion 

in microfluidics is achievable by flowing non-equilibrium ATPS phases inside the microfluidic 

device and higher order emulsion drops are then induced by a spontaneous phase separation within 

the ATPS [76]. This type of system requires an accurate selection of the initial ATPS composition. 

Moreover, the formation of emulsions relying the phase separation highly depends on the kinetics 

of the phase separation that could affect the generation mechanism. I believe my previous 

hypothesis is also valid for the generation of higher order emulsion. Consequently, I hypothesize 

that using a conventional flow focusing device coupled with a coaxial microneedle and one or two 

glass capillaries embedded inside the microfluidic device could facilitate the breakup of the higher 

order ATPS emulsions (Chapter 4). 

1.4 Author's contribution in the context of collaboration 

The platforms presented in this dissertation are designed and developed by the author. The author 

is responsible for designing, prototyping, testing, validating, and assembling the platforms.  
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The platform presented in Chapter 2 to generate non-spherical microparticles was developed from  

existing technology for electrohydrodynamic atomization, to control the fabrication of non-

spherical calcium-alginate microparticles. The ideas presented within this chapter were developed 

in collaboration with a visiting student, Sze Yi Mak, from the Department of Mechanical 

Engineering of the University of Hong Kong. We also conducted preliminary experiments 

together. I outlined the experimental plan, analyzed the collected data and performed most of the 

experiments after the preliminary work. An undergraduate research assistant, Stephen Sammut, 

helped to perform the experiments and collect data for some of the experiments. 

The microfluidic platform presented in Chapter 3, was inspired by the design work of a previous 

graduate student, Vaskar Gnyawali, as a part of his Ph.D. dissertation. The idea of using this design 

to generate single ATPS emulsions was conceived mostly on my own, and in consultations with 

Niki Abbasi, a previous masters student. I conducted the device fabrication, designed the 

experimental setup, executed the experiments, analysed the data, and wrote the paper with my 

coauthors. 

Niki Abbasi and I generated the concept of the precise microfluidic platform to generate double 

and triple emulsions, presented in Chapter 4. The microfluidic device was designed, fabricated and 

developed solely on my own. I outlined the experimental plan and performed most of the 

experiments. Data was analyzed solely by myself under supervision of my advisors. An 

undergraduate research assistant, Risavarshni Theyakumaran, helped to perform some of the 

experiments. 
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Chapter 2: Non-spherical microparticles 

 

The work presented in this chapter is based on the following article published in a peer-reviewed 

journal ChemPhysChem.  

Jeyhani, M., Mak, S. Y., Sammut, S., Shum, H. C., Hwang, D. K. and Tsai, S. S. H., “Controlled 

electrospray generation of non-spherical alginate microparticles.” ChemPhysChem. 1-7 (2018). 

https://doi.org/10.1002/cphc.201701094 

  

Author’s contribution 

The ideas of this chapter were developed in collaboration with a visiting student, Sze Yi Mak, 

from the Department of Mechanical Engineering of the University of Hong Kong. We also 

conducted preliminary experiments together. I outlined the experimental plan, analyzed the 

collected data, and performed most of the experiments after the preliminary work. An 

undergraduate research assistant, Stephen Sammut, helped to perform the experiments, and collect 

data for some of the experiments. 

  



 

16 

2.1 Introduction 

Microparticles have found applications in a variety of different fields, including applications in 

pharmaceutical, food, pesticides, and cosmetic industries, as well as in biotechnological 

applications, for instance cell encapsulation for three-dimensional cell culturing for tissue 

engineering purposes [77]–[80]. Specifically, biodegradable and biocompatible microparticles are 

useful for drug delivery applications because of their unique features such as their small size, drug 

encapsulation ability, bioavailability, reduced toxicity, and minimized adverse health effects in 

comparison to conventional drug delivery methods [81]. These polymer drug carriers are often 

made with various biodegradable polymers [82], such as alginate. As a polysaccharide, alginate is 

one of the most used materials in applications such as the encapsulation of drugs, proteins, insulin, 

and cells in particles [21], [83], [84], in regenerative medicine [85], 3D culture [86]–[89], and 

tissue engineering [90]. 

The vast majority of research on drug delivery particles only use particles that are spherical 

[84],[91]–[93]. However, recent evidence in the literature suggests the emergence of the 

morphology of drug carrying particles as an important parameter controlling the mechanism of 

drug delivery [21], [81]. Namely, the shape of non-spherical particles affects the movement of 

particles in the presence of flow [81], and particle morphology impacts the drug release’s 

pharmacokinetics [24], the mechanics of the drug carrier’s transportation and circulation inside the 

body [22], [23], and the targeting ability of the particles as drug delivery vehicles [81]. 

Despite the fact that the morphology of alginate-based particles significantly affects the drug 

delivery mechanism, there are only a handful of manufacturing methods developed to tune the 

shape of alginate microparticles. The generation of non-spherical microparticles is possible using 

synthetic techniques such as lithography [94]–[97], photopolymerization [94]–[96], [98], and 

microfluidics [94]–[96]. However, barriers to generating shape-controllable alginate 

microparticles still persist. For example, combining microfluidics and photopolymerization is a 

well-developed technique to make highly tunable non-spherical particles [94]–[96], [98]–[100]. 

However, it is difficult to apply this method to generate non-spherical alginate microparticles 

because alginates need to be modified to be photocrosslinkable [101]. Gravity-driven droplet 

impact into calcium chloride baths is used to make non-spherical alginate microparticles, and it is 

known that the impact energy, fluid viscosity, and surface tension all contribute to determining the 
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final size and the shape of fabricated particles [102]–[104]. Other methods that make non-spherical 

microparticles are challenged by low throughput (for example, O(1-100) particles per second) 

[105], [106] and some cannot create microparticles that are less than hundreds of microns in 

diameter [104]. 

Here, we describe a new method, based on electrospraying, to manufacture non-spherical alginate 

microparticles. Electrosprays are able to generate microparticles at rates up to 4×105 particles per 

second[57], so this new method should overcome the low-throughput challenges associated with 

current techniques used to make non-spherical microparticles[106]. Our technique achieves 

alginate microparticles with tunable shapes, by adjusting several electrospray experimental 

parameters. Namely, we adjust the chemical initiator concentration of the liquid bath, and the 

distance from the metallic ring of the electrospray system to the free-surface of the liquid bath 

below. We note that the liquid-air surface tension and liquid viscosities should also play a role in 

controlling the resulting particle shape [103]. However, these variables are kept constant in our 

experiments (The values of these variables are provided in Tables I.1 and I.2 in Appendix I). 

In this chapter, we first report our experimental observation of the different alginate microparticle 

morphologies achievable with our electrospray setup. We build a phase diagram of the possible 

particle shapes by systematically changing two experimental parameters: the chemical initiator 

concentration in the liquid bath and the distance from the metallic ring to the free surface of the 

bath. We also show that, for hemispherical shape microparticles, the particle aspect ratio—the 

particle height divided by its base—is controllable by the two experimental parameters. We further 

demonstrate that the action of stirring the liquid bath enables an additional interesting 

morphology—microparticles that have tail-like features whose curvature changes with the liquid 

stir rate. Finally, we demonstrate that the technique can be applied to make magnetizable non-

spherical particles, and cell encapsulating non-spherical microcapsules. We anticipate that this 

approach to make non-spherical alginate microparticles will be able to address biomedical needs, 

including improving the efficacy of drug delivery, and enabling cell encapsulation and 3D cell 

culturing. 
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2.2 Experimental methods 

2.2.1 Chemicals and cells 

We prepare the alginate droplet phase solution as 2 wt% alginic acid sodium salt (Sigma-Aldrich 

Corp., St. Louis, MO, USA) in deionized (DI) water. The liquid bath phase is made with either 1 

wt%, 2.5 wt%, 5 wt%, 7.5 wt%, or 10 wt% calcium chloride dihydrate (Sigma-Aldrich Corp., St. 

Louis, MO, USA) in DI water. We pass the alginate solution through a syringe filter that has 0.45 

µm size pores (Corning Inc., NY, USA) prior to use, to remove particulates and impurities from 

the droplet phase. We use 0.945 μm diameter Sera-Mag carboxylate-modified magnetic speed-

beads (Thermo Scientific, Waltham, MA, USA) in experiments that generate magnetizable non-

spherical microparticles. We centrifuge 2 ml of the magnetic bead solution until form a cluster at 

the bottom. Then, we remove the liquid content of the magnetic bead solution, add the alginate 

solution, and suspend the magnetic beads by mixing the solution. We prepare the magnetic alginate 

solution this way so that the alginate concentration is unaltered upon addition of the magnetic 

beads. 

In cell encapsulation experiments, we use BT-474 breast cancer cells (ATCC, Manassas, VA, 

USA), cultured using Dulbecco's modified eagle’s medium (DMEM) with 10% fetal bovine serum 

(FBS). We incubate the cells at 37 °C with 5% CO2 in a T-25 flask. We measure the concentration 

of cells by transferring 10 μL of the cell sample to a hemocytometer (Hausser Scientific, Horsham, 

PA, USA). The calculated number of cells is approximately 2.8 × 106 cells per mL. We centrifuge 

the cells in to remove the growth medium, and subsequently, we wash the cells with PBS to remove 

all the remaining DMEM. Then, we transfer the cells to a 1 mL alginate solution.  
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2.2.2 Experimental setup 

 

Figure 2.1: Schematic diagram of the electrospray system for alginate particle generation. A high-voltage power 

supply with low current is used to generate the electric field. The positively charged droplet phase is electrosprayed 

into a calcium chloride bath through a tapered glass capillary, to generate particles. The distance between the tip of 

the glass capillary and the ring is fixed at 1 mm. We adjust the distance between the ring and the free-surface of the 

calcium chloride bath, Lb, to observe its effects on the resulting particle shapes.    

Figure 2.1 shows a schematic diagram of the experimental setup. We use a high-voltage power 

supply (Pasco Scientific, Roseville, CA, USA), with a constant voltage of 5 kV, to generate an 

electric field. The power supply is connected to a metallic needle on the dispensing syringe through 

a wire to positively charge the droplet phase. A metallic ring is also connected to the power supply, 

which is negatively charged. We use a constant flow rate syringe pump (Harvard Apparatus, 

Holliston, MA, USA), set at a flow rate of 0.1 mL/hr, to pump the droplet phase through tubing 

(Saint-Gobain Corp., Malvern, PA, USA) to a borosilicate glass capillary (O.D. = 1 mm and I.D. 

= 0.25 mm; A-M System Inc., Sequim, WA, USA). The tip of the glass capillary is tapered, using 

a micropipette puller (Model P-97, Sutter Instruments, Novato, CA, USA), so that the tip has a 
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diameter of 50 µm (± 5 µm). The internal and external surfaces of the glass capillary are coated 

with triethoxy(octyl)silane (Sigma-Aldrich Corp., St. Louis, MO, USA) to make the surfaces 

hydrophobic, which prevents wetting of the glass capillary and achieves smoother and more 

monodisperse dispensing.  

Dispensed droplets pass through the negatively charged metallic ring under the effect of the electric 

field. As Scheme 1 shows, the distance between the glass capillary tip and the metallic ring, Lt = 

1 mm. In our experiments, we investigate the effects on the formation and morphology of the 

particles by adjusting two variables: the liquid bath calcium chloride concentration, C, and the 

metallic ring to liquid bath surface distance, Lb (Figure 2.1). After the particles are formed, we 

image the morphology and structure of the particles using an inverted Zeiss optical microscope 

(Carl Zeiss, Oberkochen, Germany). 

2.3 Results and discussion 

2.3.1 Controlling the particles’ morphology 

 

Figure 2.2: Particle shape controlled by electrospray properties. a) Tadpole-like microparticles are generated when the 

ring-to-bath distance Lb = 3 mm and the calcium chloride concentration C = 1 wt%. b-d) In all other cases in our 

experiments, where the calcium chloride concentration C ≤ 2.5 wt%, we obtain cupcake-like particles. e-j) 

Hemispherical shaped particles are produced when the calcium chloride concentration C ≥ 5 wt%. In all of these 

experiments, the voltage of the electrospray, and the flow rate of the pump are fixed at 5 kV and 0.1 mL/hr, 

respectively. Scale bar represents 150 µm. Illustrations that more clearly show what we define as k) tadpole-like, l) 

cupcake-like, and m) hemispherical shape microparticles. 

https://en.wikipedia.org/wiki/Oberkochen
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The morphology of microparticles is important in controlling the efficacy of drug delivery and 3D 

cell culturing [21]. Figure 2.2a-2.2j shows microscopic images of microparticles formed using our 

electrospray setup, with corresponding values of the ring-to-bath distance, Lb, and liquid bath 

calcium chloride concentration, C. We observe tadpole-like (Figure 2.2k), cupcake-like (Figure 

2.2l), and hemispherical shape (Figure 2.2m) microparticles, depending on our experimental 

values of the ring-to-bath distance, Lb, and liquid bath calcium chloride concentration, C.  

Notably, the tadpole-like and cupcake-like microparticles only form when the calcium chloride 

concentration C < 5 wt%. Tadpole-like shape particles occur when the ring-to-bath distance Lb is 

low. When Lb is high, cupcake-like particles form.  

2.3.2 Controlling the aspect ratio of hemispherical microparticles  

 

Figure 2.3: Different types of alginate microparticles. A phase diagram of the generated calcium-alginate particles 

illustrates differences in particle shape as a result of changing the calcium chloride concentration C, and the ring-to-

bath distance Lb. We find that the electrospray setup generates hemispherical particles as long as calcium chloride 

concentrations C ≥ 5 wt%. When calcium chloride concentration C < 5 wt%, we observe tadpole-like particles or 

cupcake-like particles.  

The phase diagram in Figure 2.3 shows that when the liquid bath calcium chloride concentration 

C ≥ 5 wt%, our system produces only hemispherical microparticles. Our hypothesis is that 

increasing the chemical initiator concentration, C, of the liquid bath, increases the alginate-calcium 



 

22 

gelation rate. Therefore, when the alginate droplets from the electrospray impact the free surface 

of the bath, they deform such that the bottom side of the droplets flatten, and the immediate 

gelation of the alginate droplets “freezes” the droplets’ hemispherical shapes (Figure 2.2e – 2.2j). 

(Further details of our hypothesis on the formation mechanism of hemispherical particles is 

discussed in Appendix I, and shown in Figure I.1.) In this regime, we define the particle aspect 

ratio Ω = h/b, where h and b are the height and base length of the hemisphere, respectively (Figure 

2.4a).  

In order to distinguish between different microparticle shape regimes, we define a Shape Index SI 

=(h – d) / (h + d), where d is the effective diameter of the microparticle. When SI < 0, the fabricated 

microparticles are defined to be of hemispherical shape. For SI > 0, we observe both tadpole-like 

and cupcake-like particles. To differentiate between tadpole-like and cupcake-like particles, we 

further define a Normalized Tail-Length TL = w/d, where w  is the width of the tail. When TL < 

0.5, tadpole-like microparticles are formed, and when TL > 0.5, cupcake-like microparticles are 

produced. (Further details of how the shapes are defined are discussed in Appendix I.) 

Figure 2.4b shows that increasing the calcium chloride concentration C results in decreasing aspect 

ratio Ω. There is also a nearly monotonic decrease of the aspect ratio Ω with increasing ring-to-

bath distance Lb. The decrease in aspect ratio Ω indicates that the hemispheres are flatter. Larger 

ring-to-bath distances Lb also result in more repeatable control of particle shape, as indicated by 

the aspect ratio Ω’s smaller error bars.   
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Figure 2.4: Hemispherical particle aspect ratio Ω = h/b controlled by the liquid bath calcium chloride concentration C 

and the ring-to-bath distance Lb. a) Ω is defined as the ratio between the height h of the hemisphere and its base length 

b. b) A plot of the resulting hemispherical particle aspect ratio Ω versus the calcium chloride concentration C. Different 

symbols represents distinct values of the ring-to-bath distance Lb. Increasing the ring-to-bath distance Lb for a 

particular calcium chloride concentration C results in a nearly monotonic decrease in particle aspect ratio Ω. Increasing 

the calcium chloride concentration C, while fixing the ring-to-bath distance Lb also results in a nearly monotonic 

decrease in Ω. Error bars indicate one standard deviation in a sample size of 20 particles (Appendix IV).    

2.3.3 Generating microparticles with curved tails  

An additional parameter that we can adjust in our electrospray setup is the flow of the liquid in the 

calcium chloride bath. In normal conditions, the liquid bath is static, however, we can simply use 

a magnetic stirrer to controllably create a flow in the liquid bath. As a proof-of-concept 

demonstration, we conduct an experiment using a ring-to-bath distance Lb = 10 mm, and a calcium 
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chloride concentration C = 10 wt%, while stirring the bath. We generate different degrees of flow 

in the liquid bath by tuning the rotational rate of the magnetic stirrer in the bath at 50, 250, and 

500 rpm.  

 

Figure 2.5: The effect of stirring the liquid bath. We use a magnetic stirrer to create a flow in the liquid bath. Here, 

the ring-to-bath distance Lb = 10 mm, and calcium chloride concentration C = 10 wt%. As the magnetic stirrer rotation 

rate increases from a) 50, b) 250, to c) 500 rpm, the curvature of the resulting particle increases. Scale bar represents 

150 µm. 

Interestingly, we observe that the liquid bath flow results in the production of tear-shaped particles 

(Figure 2.5). When we increase the fluid flow by increasing the magnetic stirrer’s rotational rate, 

we observe qualitatively, that the microparticle tails’ curvature increases. We hypothesize that this 

curvature is influenced by the magnitude of shear stresses exerted on the microparticle, by the flow 

in the bath. 
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2.3.4 Generating non-spherical magnetizable microparticles  

 

Figure 2.6: Magnetic particles. Fabrication of magnetic microparticles using magnetic beads. The ring-to-bath distance 

is fixed at Lb = 20 mm, and two different calcium chloride concentrations a) C = 5 and b) C = 10 wt% are used, 

resulting in different particle aspect ratios Ω. c) A sequence of images showing that an external magnetic field from a 

moving permanent magnet causes a particle to rotate. Scale bar represents 150 µm. 

Our technique can also be adapted to create microparticles that have the added functionality of 

magnetizability. Figure 2.6 shows the magnetized non-spherical microparticles fabricated using 

our electrospray technique. Here, we add carboxylate-modified magnetic beads to the alginate 

precursor solution. As a proof-of-concept, we perform two sets of experiments with calcium 

chloride concentrations C = 5 and 10 wt%, and a ring-to-bath distance Lb = 20 mm, while keeping 

all other parameters constant.  

The fabricated magnetic microparticles are able to preserve the non-spherical shape of 

microparticles without magnetic function (Figure 2.6). These particles are magnetizable, and rotate 

in the presence of a moving magnetic field (see Figure 2.6 and also Appendix I, Video 1 and 2). 

This electrospray technique is therefore applicable to manufacturing magnetizable non-spherical 

particles at high throughput, for magnetic separation schemes [107]. 
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2.3.5 Cell encapsulation 

 

Figure 2.7: Cell encapsulation. BT-474 breast cancer cells encapsulated in hemispherical microparticles using our 

electrospray technique. Here, the ring-to-bath distance is fixed at Lb = 20 mm, and we use two different calcium 

chloride concentrations, a) C = 5 and b) C = 7.5 wt%. Scale bar represents 150 µm. 

Figure 2.7 illustrates the encapsulation of breast cancer cells in non-spherical microparticles. The 

suspension of cells in alginate is sprayed into the bath, using our electrospray technique, and upon 

gelation of the particle, cells are encapsulated. Cell encapsulation in non-spherical microparticles, 

such as the ones shown here, maybe desirable for immunoisolation of cells [108]–[110]. This 

platform has the potential to achieve mass production of encapsulated cells while providing control 

on the size and the shape of the cell encapsulating vehicles.  

2.4 Conclusions 

Even though microparticle shape is an important parameter in determining the effectiveness of 

drug delivery and 3D cell culturing, there are very few established methods to generate non-

spherical biocompatible microparticles in a high throughput manner. The electrospray-based 

technique for producing non-spherical alginate microparticles, which we describe, provides 

precise control over the shape of biocompatible microparticles produced, by simply tuning the 

experimental parameters of the system.  

We demonstrate that the setup’s ring-to-bath distance Lb and the calcium chloride concentration C 

can both be used to control the final shape of the microparticles. We show the proof-of-concept 

production of particles that have tunable curvature tails, by magnetically stirring the liquid calcium 

chloride bath. We also show that the technique can be applied to generate magnetizable and cell 

encapsulating non-spherical alginate microparticles. Since electrospray is a method that generates 
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particles at high throughput [57], [111], we anticipate that this new non-spherical particle 

generation method will find utility in biomedical applications that benefit from shape-controlled 

biocompatible microparticles, such as cell encapsulation, drug delivery, and 3D cell culturing.  

 

  



 

28 

 

Chapter 3: All-aqueous single 

emulsions 

 

The work presented in this chapter is based on the following article published in a peer-reviewed 

journal Journal of Colloid and Interface Science.  

Jeyhani, M., Gnyawali, V., Abbasi, N., Kun Hwang, D. & Tsai, S. S. H. “Microneedle-assisted 

microfluidic flow focusing for versatile and high throughput water-in-water droplet generation.” 

J. Colloid Interface Sci. 553, 382–389 (2019). https://doi.org/10.1016/j.jcis.2019.05.100 

 

Author’s contribution 

The microfluidic device in this paper was inspired by a designed of a previous graduate student, 

Vaskar Gnyawali, as a part of his dissertation. The idea of using this design to generate single 

ATPS emulsions developed collaboratively between me and a previous graduate student, Niki 

Abbasi. I conducted the device fabrication, experimental setup design, execution of the planned 

experiments, data analysis, and writing of the paper. 
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3.1 Introduction 

Droplet-based microfluidics platforms allow for the generation of highly monodispersed droplets, 

ranging from picoliters to nanoliters in volume. Microdroplets in microfluidics have been used for 

various applications such as molecular detection [112], drug delivery [113], [114], imaging [115], 

[116], diagnostics [117], single-cell analysis [118]–[121], evolution of biomolecules [119], [122], 

cell encapsulation and cultivation [123]–[126], and for generating food-grade emulsions [127]. 

Droplet microfluidics platforms mostly utilize immiscible liquids to either make water-in-oil or 

oil-in-water emulsions. For many biotechnological applications, the oil phase needs to be removed 

once droplets are formed because of the oil’s non-biocompatible nature. However, the complete 

removal of oil from the system is highly time- and labour-consuming [26].  Thus, ATPS based 

water-in-water droplet microfluidics platforms have emerged in recent years as a possible 

alternative [128], [129].  

ATPS was accidentally discovered in 1896 by Martinus Willem Beijerinck [31], and later its 

applications in biotechnology were realized by Per-Åke Albertsson [32], [33]. These aqueous 

biphasic systems are composed of a mixture of two incompatible polymers in an aqueous medium 

that separates into two distinct phases. A highly studied ATPS is a mixture of polyethylene glycol 

and dextran [130]. 

Due to their biocompatibility, ATPSs have been used in a variety of different biotechnological 

applications, such as the fractionation of cells into subpopulations [131]–[135], biomolecule 

partitioning [136]–[141], cell patterning [55], [142], and protein purification and extraction [54], 

[143]–[146]. The biocompatible nature of ATPS also makes it a viable alternative to conventional 

water-in-oil systems, for producing microdroplets, eliminating the need for post-processing 

washing steps. 

In flow focusing microfluidic platforms, droplet generation is driven by the balance between 

surface tension and viscous forces. Surface tension tends to minimize the interfacial area between 

interacting liquids, while viscous forces tend to stretch the interface [75], [147]–[149].  Since 

ATPS generally have very low interfacial tensions, ranging from 10-6 to 10-4 N/m [56]—albeit, 

some ATPS, such as those based on PEG-inorganic salts, can have interfacial tensions exceeding 

1 mN/m—it is challenging to generate discrete droplets with ATPS in current flow focusing 
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droplet microfluidics geometries. Indeed, it is often observed that, when trying to generate droplets 

with ATPS, viscous forces dominate the system and result in very long threads inside the channel 

[150]. 

Alternative microfluidic approaches, namely with active perturbation inside microchannels, have 

been successfully utilized to generate water-in-water droplets. Some examples of such active 

perturbation include using a piezoelectric disc to oscillate channel walls [151], [152], using a 

mechanical vibration table to oscillate the flow [153]–[155], and pulsating the inlet pressure of the 

dispersed phase fluid [128]. The main drawback of active droplet formation techniques is that they 

require external components to perturb the flow controllably, which often involve complicated 

experimental setup.  

Recently, Moon et al. developed a passive microfluidic platform for generating monodisperse 

water-in-water droplets [129]. This platform requires neither pumps nor external components to 

form droplets. Instead, with pipette tips filled with ATPS solutions, the hydrostatic pressure of the 

fluid columns drives the flow of fluids into the chip and form droplets. Although this passive 

droplet generation scheme is very simple and easily adapted for various applications, this approach 

suffers from droplet size-selectivity and throughput. 

Additionally, like all of the other existing microfluidic platforms that generate water-in-water 

droplets based in DEX and PEG polymers, only DEX-in-PEG droplets are producible [25], [128], 

[129], [151], [153]–[158], due to the PEG phase’s stronger interactions with PDMS and glass 

channel walls [159]. 

In this chapter, we describe an approach whereby we make a simple modification to the 

conventional flow focusing microfluidic geometry and achieve both high throughput production 

of water-in-water droplets, and the ability to make both DEX-in-PEG and PEG-in-DEX droplets. 

Namely, we integrate a microneedle into a conventional flow focusing PDMS microfluidic channel 

to 3D focus the disperse phase flow into the continuous phase. This 3D flow focusing helps to 

prevent the interaction between the dispersed phase and the channel walls, removing wetting 

effects of the disperse phase, and facilitating more robust droplet generation. 

3D focusing approaches have been reported previously, including methods that use concentric 

cylinders made from glass capillaries [160]–[162], and by microfabrication of circular cross-
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section orifices that lead to a flow focusing junction [163]. The 3D focusing in our approach is 

similar to that observed in some glass capillary-based microfluidic systems. However, embedding 

a microneedle in a PDMS microchannel, as seen in this study, has several advantages. Namely, 

the tapered glass capillaries used in microfluidics are fragile, and it is challenging to consistently 

taper the capillaries with high precision. In contrast, all of the dimensions—from the size of the 

commercially available microneedle to the PDMS channel made with soft lithography—in our 

platform are fixed, and the materials that we use are robust. 

We first compare water-in-water droplet generation results from microneedle-embedded and 

needleless microfluidic devices and produce phase diagrams that elucidate droplet-producing 

regimes. We next investigate the effects of changing the pressures of the two phases on the 

resulting droplet diameters, a, and production throughput. Finally, we demonstrate the successful 

generation of PEG-in-DEX droplets, which has to date not been achievable microfluidically, by 

using 3D flow focusing to isolate the disperse PEG phase from the microchannel walls. We 

anticipate that this simple addition—insertion of a microneedle—to existing passive water-in-

water droplet microfluidic systems, as demonstrated in this study, and the resulting increase in 

throughput and versatility in droplet production, will be useful in the development of 

biotechnological applications, such as in creating microparticle drug delivery capsules, 

encapsulating cells for single cell analysis, and immunoisolating cells for cellular transplantation. 

3.2 Experimental methods 

3.2.1 Chemicals  

We prepare ATPS solutions by phase separating a mixture of an aqueous solution of 10% (w/v) 

poly(ethylene) glycol (PEG, Mw: 35 kDa, Sigma-Aldrich, St. Louis, MI, USA) and an aqueous 

solution of 20% (w/v) dextran (DEX, Mw: 500 kDa, Pharmacosmos, Holbaek, Denmark) by 

centrifuging (Sorvall Legend RT, Germany) at 1,400 RPM for 1.5 hours. Once equilibrated, we 

use a serological pipette to extract PEG-rich and DEX-rich phases using a pipette controller. We 

use a glass viscometer to measure the viscosity of the solutions. The DEX-rich phase viscosity, µD 

= 153.3 mPa s, and the PEG-rich phase viscosity, µP = 28 mPa s. From the measurements of Atefi 

et al. [38], we find that the ATPS used in this experimental study has interfacial tension, γ = 0.150 

mN/m. We measure the densities of PEG-rich and DEX-rich phases, ρP = 1.014 g/cm3 and ρD = 
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1.075 g/cm3, respectively. All the measurements and experiment conducted at ambient temperature 

of 24 ± 1 °C. To visualize the dispersed phase flow’s profile using confocal microscopy, we add 

1% (w/v) fluorescein (Sigma-Aldrich, St. Louis, MI, USA) to the PEG solution.  

 

Figure 3.1: (a) Schematic diagram of the experimental setup for a passive ATPS droplet formation. Two plastic syringe 

tubes filled with each respective phase are connected to the microfluidic chip through the tubing. An adjustable lab 

jack is used to adjust the effective column heights of the phases to adjust the hydrostatic pressures. (b) Representative 

schematic diagram of the microfluidic chip. A microneedle is inserted as the inlet of the disperse phase inside the 

microfluidic chip. The microneedle is accurately located at the center of the channel to leave gaps between the channel 

walls and the needle, enabling 3D focusing of the disperse phase to the center of the channel. (c & d) Images of the 

needle device and the needleless device, respectively.  

 

3.2.2 Experimental Setup 

Figure 3.1a shows a schematic diagram of the experimental setup. We control the hydrostatic 

pressure from the liquid columns using an adjustable lab jack to change the effective liquid column 

heights inside 60 mL plastic BD syringe tubes (Becton, Dickinson and Company, Franklin Lakes, 

New Jersey, USA) assembled over a plastic test tube rack. The plastic syringe tubes used in this 

study have wide inner diameters to maintain nearly constant pressures over several hours. We note 

that our system is also compatible with both commercially available pressure-controlled pumps, 

such as the Fluigent LineUP or Flow EZ. 
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The effective column heights are measured from the liquid level in syringe tubes to the glass slide 

of the microfluidic chip. We also control the pressure of the liquids by adding/removing solutions 

using a pipette controller. Hydrostatic pressure drives the flows into the channels through the 

tubing, allowing the generation of ATPS droplets. The DEX and PEG solutions form disperse and 

continuous phases, respectively, unless otherwise stated.  

Experimental images and videos are captured using a high-speed camera (Miro M110, Vision 

Research, Wayne, NJ, USA) connected to an inverted brightfield optical microscope (Axio 

Observer A1, Carl Zeiss, Oberkochen, Germany). A confocal microscope (LSM700, Carl Zeiss, 

Oberkochen, Germany) is used for confocal imaging. We use ImageJ software to post-process 

captured videos and images.  

3.2.3 Device Fabrication 

We fabricate the device based on the standard soft lithography method [164]. As seen in Figure 

3.1b, the microfluidic device is comprised of two inlets for the continuous flow, one inlet for the 

dispersed phase, and one outlet. The continuous and disperse phase flow channels are 200 and 100 

µm wide, respectively, and converge at a flow focusing junction. The width of the channel 

downstream of the cross-junction is h = 300 µm (Figure 3.1b), and the height of all channels is 

300 µm. The microfabrication procedure to construct the feature of the mould is explained in 

Appendix II under Device Fabrication.  

 To complete the device fabrication, we modify the chip to focus the flow in 3D, by the insertion 

of a microneedle [165], [166]. Namely, we cut the PDMS slab at the disperse phase inlet and 

manually insert a metallic microneedle (34G; I.D. = 100 µm, O.D. = 200 µm; Japan Bio Products, 

Tokyo, Japan) through the inlet channel to reach to the cross-junction (Figure 3.1b). To ensure 

proper alignment of the microneedle, we inspect it under a stereomicroscope (E-Zoom 6 V, 

Edmund Optics Inc., Barrington, NJ, USA). To position the microneedle vertically in the z-

direction, we stick two layers of tape (3M, St. Paul, MN, USA) underneath the needle to elevate 

the microneedle to obtain a 40 µm gap between the needle and the bottom of the channel. The 

microneedle is bonded to the cover glass slide and PDMS to seal the channel using two-component 

epoxy glue (Henkel Canada Corporation, Mississauga, ON, Canada). Lastly, the microneedle is 

connected to tubing (Saint-Gobian, Malvern, PA, USA) using the same epoxy glue. 
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3.3 Results and discussion 

ATPS mixtures have very low interfacial tensions, and as a result, have much slower interfacial 

dynamics [150], which has made making water-in-water droplets microfluidically unattainable 

without active perturbation of the fluids. The complexity of active perturbation methods has 

hindered the exploitation of ATPS in microfluidics for droplet generation.  

3.3.1 Droplet generation regimes 

Recently, our group pioneered a passive hydrostatics-based microfluidic approach to generate 

water-in-water droplets, without the complexity of active methods [129]. While this passive 

droplet generation scheme is simple and easily adapted for various applications, this approach is 

limited in the size range of droplets produced and has a low throughput of O(10) Hz. Here, we 

make a simple change to our previous microfluidic geometry, by the insertion of a microneedle to 

the disperse phase inlet, to isolate the disperse phase from the PDMS and glass channel walls 

(Figure 3.1b). As Figure 3.2 shows, this modification of our existing geometry facilitates the 

generation of microdroplets with a wide range of sizes.    

 

Figure 3.2: Experimental images of water-in-water droplet generation using the passive microfluidic platform and 

comparison between the device with an inserted needle (W/N) and the device without the needle (W/O N), with 

different, disperse and continuous column heights, PD and PP, respectively. (a-e) In the W/N device, a broad range of 

hydrostatic column heights can be used for generating droplets, due to the 3D flow focusing of the dispersed phase. 

(f-j) The same hydrostatic column heights with the W/O N device results in four different regimes of (g) backflow, 

(h) droplets, (i) ripple-shaped thread, and (j) continuous thread along the channel. Scale bar represents 100 µm.  

Figures 3.2a and 3.2f show the cross junction of the devices with the needle (W/N) and without 

the needle (W/O N), respectively. Figure 3.2b-e show the generation of DEX droplets in the W/N 

device using a constant PEG column pressure PP = 2.0 kPa, and various DEX column pressures 
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PD = 1.5 - 2.1 kPa. Water-in-water droplets form within the W/N device through the entire range 

of PEG column pressures, PP (Figure 3.2b-e). The W/O N device only generates droplets for the 

case where PD = 1.7 kPa (Figure 3.2h). At the other column pressures that we investigated, the 

W/O N device shows three regimes: no droplet formation (Figure 3.2f), backflow (Figure 3.2g), 

ripple-shaped thread (Figure 3.2i), and long thread (Figure 3.2j). 

 

Figure 3.3: Phase diagram for flow regimes in the device W/N and the device W/O N. (a) The W/N device either 

results in droplet formation, or backflow, and no other regimes are observed in the ranges of hydrostatic heights used. 

(b) In the device W/O N, we observe four regimes: backflow, droplet formation, ripple-shaped threads, and continuous 

threads. 

We further investigate the effect of changing PEG and DEX liquid column pressures on droplet 

generation for the devices W/N and W/O N. For the device W/N, we find that the system either 

produces droplets, or backflow, with a broad range of PD and PP values resulting in droplet 

formation (Figure 3.3a). However, in the device W/O N, in the same ranges of PD and PP, we 

observe four regimes: backflow, droplet formation, ripple-shaped threads, and continuous threads.  

Notably, the range column pressures resulting in the droplet generation regime in the device W/O 

N is very small compared to that of the device W/N. We hypothesize that, in the device W/N, the 

dispersed phase flow is focused from all directions, preventing the dispersed phase from wetting 

the walls of the device, thereby facilitating droplet formation. In the device W/O N, the top and 

bottom walls of the channel are wetted by the dispersed phase, and the sheath flow only focuses 

the dispersed phase laterally. We anticipate that the wetting of top and bottom walls by the 

dispersed phase in the device W/O N makes it more challenging for droplets to detach from the 

disperse phase thread. Therefore, the simple modification of inserting a microneedle to the disperse 
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phase inlet enables droplet formation over a wide range of hydrostatic pressures, PD and PP, that 

is unattainable in a device without the microneedle.  

In microfluidics, droplets form due to a competition between viscous stresses and capillary 

pressure, which is defined by the dimensionless Capillary number, Ca= 
𝜇𝐶U

γ
, where U is the 

average velocity of the fluid flowing inside the channel and µC is the viscosity of the continuous 

phase. The Capillary number, Ca, is used in the droplet microfluidics literature to characterize the 

droplet formation regime, for example, whether the system is in the dripping or jetting mode, and 

predict the resulting droplet size [147]. In our experiments, and in other passive droplet 

microfluidic systems that use ATPS, the Capillary number, Ca, is typically high. This is due to the 

very low interfacial tension of most ATPS. In our experiments, we find that the range of Capillary 

number, Ca = 2.3 – 4, is associated with successful droplet generation for devices W/O N. Outside 

of this range, we observe backflow, ripples, and thread formation. In devices W/N, the droplet 

generation Capillary number range, Ca = 0.8 – 4.5. These ranges are of the same order-of-

magnitude as those reported for water-in-oil or oil-in-water systems [147]. We note further, that 

the Capillary number range is significantly larger in devices W/N, which reinforces our assertion 

that integrating the microneedle helps enable droplet formation in a wider range of experimental 

conditions.  
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Figure 3.4: The diameter of droplets formed versus the DEX liquid column pressure, PD, for three different PEG liquid 

column pressures, PP, inside the device W/N. Diamond markers (♦) represent data points for PP = 2.0 kPa, triangle 

markers (▲) show data points for PP = 2.8 kPa, and squares (■) represent data points for PP = 3.6 kPa. For all three 

data series, increasing PD, while fixing PP, results in the formation of larger droplets. The data points with an asterisk 

(*) denotes the threshold of the droplet regime for the particular data series, below which backflow occurs. Error bars 

indicate one standard deviation in a sample size of 30 droplets. 

3.3.2 Droplet generation diameters  

Using the device W/N, we study the effects of changing the dispersed DEX phase liquid pressures, 

PD, while the PEG liquid column pressure, PP, is constant. As shown in Figure 3.4, we find that 

increasing the DEX column pressure, PD, results in an increase of the DEX droplet diameter, and 

this effect is observed for three different PEG liquid column pressures, PP. We also note that 

increasing the column pressure, PP, for the continuous PEG phase, from PP = 2.0 – 3.6 kPa, results 

in a decrease of droplet diameter.  

Figure 3.5 shows a log-log plot of the normalized droplet diameter a/h versus a dimensionless ratio 

of DEX and PEG phase inlet pressures and fluid viscosities, (PD / μD) / (PP / μP). Here, we observe 

an empirical relationship for the droplet diameter, a / h ∝ ((PD / μD) / (PP / μP))2, and a constant of 

proportionality of approximately 4. We note that this empirical power-law relationship is 
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consistent with our previous observations for water-in-water droplet formation using rectangular 

microchannels without an inserted microneedle [129], and also consistent with results from the 

water-in-oil droplet microfluidics systems [167].  

 

Figure 3.5: Log-log plot of dimensionless droplet diameter a/h vs the ratio of DEX and PEG inlet conditions. Our data 

appears to fit reasonably onto the line indicated by 
𝑎

ℎ
= 4 (

𝑃𝐷

𝜇𝐷
/

𝑃𝑃

𝜇𝑃
)

2

. 

Since droplet generation in our microfluidic device occurs in the jetting regime, to the system 

produces droplet diameters that have a larger coefficient of variation (CV) [129]. (Further details 

related to CV is discussed in Appendix IV). In our experiments, the droplet diameters have CV 

~10 %, which is in the range of CV reported for ATPS droplet generation in the jetting regime 

[129]. The advantage of this system is that it produces a wide range of the droplet diameters, from 

5 to 65 µm, for the column pressures used in our experiments.  

Since it is difficult to precisely position microneedle in the channel for manual fabrication, we 

conduct a set of experiments to test the device sensitivity to the microneedle location. In these 

experiments, we tested three different positions of the microneedle with ~100% change of the 

microneedle’s location and measured resultant DEX droplets’ diameters. We found that this 

platform is insensitive to the position of the microneedle. The diameters of DEX droplets resulting 
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from three microneedle positions show an average percent change of ~16%. The results of these 

experiments are illustrated in Figure II.1 in Appendix II. 

 

Figure 3.6: Droplet fabrication rate versus the DEX pressures (PD) for three different PEG pressures (PP) inside the 

device W/N. Diamond markers (♦) represent data points for PP = 2.0 kPa, triangle markers (▲) shows data points for 

PP = 2.8 kPa, and squares (■) indicate data points for PP = 3.6 kPa. Elevating the column pressure of the dispersed 

phase flow (DEX), decreases the throughput of droplets for all three PEG heights. Data points with an asterisk (*) 

denote the threshold of droplet regime for the corresponding data series.    

3.3.3 Droplet generation throughput  

In addition to controlling the size of the droplets, we can tune the production rate of the droplets 

using our passive microfluidic approach. Figure 3.6 shows the throughput of the system versus the 

dispersed DEX phase liquid pressure, PD, for three values of continuous PEG phase liquid 

pressure, PP = 2.0, 2.8, and 3.6 kPa. Generally, the droplet generation throughput increases with 

decreasing PD, and with increasing PP. Importantly, this passive microfluidic platform, which only 

involves a simple modification of our previous geometry, by the insertion of a microneedle, is 

capable of producing water-in-water droplets up to 850 Hz.  
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Table 3.1: List of microfluidics and glass capillary-based techniques developed for generating ATPS droplets, along 

with their performance parameters. 

Technique Approach 
Diameter range 

(µm) 

Production 

rate (Hz) 
ATPS solution 

Oscillation using 

piezoelectric disc [151] 
Active 30 to 60 ~50 

10% (w/v) PEG 35kDa 

20% (w/v) DEX 110kDa 

Mechanical vibration 

Active 
[153] 

~15 ~1,000 
10% (w/v) PEG 8kDa 

6% (w/v) Na2Co3 

Active 

[154] 
100 to 200 ~10 

17% (w/v) PEG 8kDa 

15% (w/v) DEX 500kDa 

Active 

[155] 
70 to 110 ~20 

1% (w/v) PEG 8kDa 

5% (w/v) DEX 500kDa 

Active 

[168] 
100 to 350 < 100 

16% (w/v) PEG 8kDa 

10% (w/v) K3PO4 

Active 

[158] 
~40 ~20 

17% (w/v) PEG 8kDa 

16% (w/v) DEX 500kDa 

Pulsating inlet pressure 

[128] 
Active 40 to 360 < 10 

10% (w/v) PEG 8kDa 

5% (w/v) DEX 100kDa 

Pneumatic valve [169]  Active ~ 52 to 96 ~13 

17% & 10% (w/v) PEG 

20kDa 

5% & 15% (w/v) DEX 

500kDa 

Gravity-driven hydrostatic 

flow [129] 
Passive 10 to 110 ~15 

5% (w/v) PEG 35kDa 

16% (w/v) DEX 500kDa 

Oil droplet choppers using 

syringe pumps [25]  
Passive  10 to 360 ~2,100 

15% (w/v) PEG 8kDa 

25% (w/v) DEX 40kDa 

Pressure controller [170] Passive 15 to 30 ~300 
10% (w/v) PEG 35kDa 

16% (w/v) DEX 500kDa 

Needle-assisted flow 

focusing 

(in this study) 

Passive 5 to 65 850 
10% (w/v) PEG 35kDa 

20% (w/v) DEX 500kDa 

Table 3.1 lists several active and passive techniques reported in the literature for producing water-

in-water droplets, based on either microfluidic chips or glass capillary systems. For additional 

reference, Table II.1 in Appendix II shows a list of other active microfluidic flow focusing 

platforms that are used to generate water-in-oil or oil-in-water droplets. To the best of our 

knowledge, the throughput in our needle-assisted flow focusing technique is the highest to date, 
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for passive oil-free microfluidic water-in-water droplet generation (see Table 3.1). This approach 

is also capable of producing droplets with a wide range of droplet diameters. While the oil droplet 

chopper approach achieves higher throughput, it relies on the usage of an oil phase, meaning that 

post-processing washing processing steps are necessary for many biological applications [25]. 

Additionally, our needle-assisted flow focusing technique can produce small droplets down to 5 

µm diameter, which could be useful for various applications, including in the biotechnology and 

cosmetics industries. 

 

Figure 3.7: Experimental images of the microfluidic cross junction in devices (a-c) with the needle (W/N) and (d-f) 

without needle (W/O N), where a dispersed PEG phase flows in the continuous DEX phase. The dispersed PEG phase 

forms droplets in the device W/N, but not in the device W/O N, at the same hydrostatic pressures. (g) A schematic 

cross-sectional view of the device W/N, where the green colour indicates the disperse PEG phase, and the gray colour 

represents the continuous DEX phase inside the microfluidic channel. The presence of the microneedle causes the 

dispersed PEG phase to be isolated from the channel walls. (h) The schematic cross-sectional view for the device W/O 

N, illustrating that the dispersed PEG phase tends to wet the top and bottom walls, which is also evident from the 
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confocal microscopy inset image. Here, the confocal image shows the bottom one-third of the channel height because 

the confocality of the confocal microscope is 80-100 µm. Scale bars represent 100 µm. 

3.3.4 Generating PEG-in-DEX droplets 

Finally, it is known in the literature that in an ATPS of DEX and PEG, PEG displays stronger 

wetting to a glass surface than DEX [159]. This characteristic of PEG has limited the development 

of techniques to generate PEG droplets in a DEX continuous phase. PEG-in-DEX droplet systems 

may have applications where target cells or biomolecules have a higher affinity to PEG, for 

example in immunoaffinity of ATPS for stem cells recovery and purification [171]. A few active 

methods demonstrate the generation of PEG-in-DEX-in-PEG double emulsions, such as, by 

applying acoustic manipulations [152] and using a nozzle [172] coupled with a microfluidic chip. 

However, there are no reports of PEG-in-DEX droplets in microfluidics, ostensibly due to the 

preferential wetting of PEG to the channel walls [159], and the fact that in most geometries the 

disperse phase enters the microfluidic flow focusing junction in contact with the ceiling and floor 

of the microchannel. We thus hypothesize that our proposed approach—with the insertion of a 

needle that isolates the disperse phase from channel walls—can resolve this issue and generate 

PEG-in-DEX droplets. 

Figure 3.7a and 7d illustrate the cross-junction of the devices W/N and W/O N, respectively. Figure 

3.7a-c show the generation of PEG droplets in the device W/N using a constant DEX pressure PD 

= 2.0 kPa, and two PEG column pressures PP = 1.6 kPa and 1.8 kPa. Since the W/N device isolates 

the dispersed phase from the channel walls and 3D focuses the flow, the generation of PEG 

droplets in continuous DEX phase is feasible. In contrast to the device W/N, within W/O N device, 

the disperse phase is in contact with PDMS and the glass channel walls, and a long continuous 

thread of PEG forms. Figure 3.7d-f show the formation of a long continuous thread of PEG for the 

same column pressures in DEX continuous phase in the device W/O N. Figure 3.7g shows a 

representative schematic cross-sectional view of the device W/N, downstream of the cross 

junction. We hypothesize that the disperse PEG phase leaving the microneedle tip forms a circular 

cross-section, and this helps prevent the disperse phase from touching the walls—making PEG 

droplet generation possible. However, in the W/O N device, the dispersed PEG phase enters the 

cross junction and wets the top and bottom walls immediately (as shown in the schematic diagram 

in Figure 3.7h). The DEX flow constrains the PEG thread only from the sides. The inset of Figure 
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3.7h shows an experimental confocal image of the PEG phase in a device W/O N, downstream of 

the cross junction, and shows that the PEG phase indeed wets the floor and ceiling of the 

microchannel. We believe that this is the main difference between devices W/O N and W/N, which 

results in the ability of devices W/N to generate PEG-in-DEX droplets. 

3.4 Conclusions 

In this study, we present a passive microfluidic platform for water-in-water droplet generation. 

Our platform consists of a conventional flow focusing microfluidic device utilizing a microneedle 

inserted into the inlet of the disperse phase. The microneedle in our system helps prevent the 

disperse phase flow from touching the channel walls by confining the flow towards the center of 

the channel. This leads to the elimination of wetting issues between the disperse phase and the 

channel walls, and thus, helps the disperse phase thread break up via the Rayleigh-Plateau 

instability. This approach also increases the generation throughput of ATPS droplets to up to 850 

Hz, which is significantly higher than that of other devices [129]. Our system is capable of 

producing ATPS droplets over a wide range of diameters (i.e. 4 μm to ~65 μm), with CV of about 

10%, which is in line with the CV of previously reported water-in-water droplet generation 

methods that form droplets in a jetting regime [129].  

Finally, we conduct a proof-of-concept demonstration of generating PEG droplets in a DEX 

continuous phase. Using PEG as the disperse phase to generate passive PEG-in-DEX droplets in a 

microfluidic device is challenging because PEG contacts the walls prior to the cross junction, and 

has a higher tendency to wet the channel walls than DEX. Our platform produces PEG-in-DEX 

droplets by isolating the disperse phase from contacting the channel walls. To the best of our 

knowledge, such passive water-in-water microfluidic generation of PEG-in-DEX droplets has not 

been demonstrated before.  

ATPS droplet microfluidics platforms can produce droplets that have improved biological 

environments for cargo, like cells, compared to water-in-oil droplet systems. Therefore, this 

needle-assisted microfluidic ATPS droplet generation platform may be used for a variety of 

different biotechnological applications, such as single cell analysis and encapsulation [5], drug 

encapsulation and release [173], and the production of functional microparticles [174].  
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Chapter 4: All-aqueous double and 

triple emulsions 

 

The work presented in this chapter is based on the following article published in a peer-reviewed 

journal Journal of Colloid and Interface Science.  

 

Jeyhani, M., Theyakumaran, R., Abbasi, N., Hwang, D. K. and Tsai, S., “Microfluidic generation 

of all-aqueous double and triple emulsions.” Small (2020). 

  

Author’s contribution 

Niki Abbasi, a former graduate student of Prof. Tsai’s lab, worked with me to conceive the idea. 

The microfluidic device was designed, fabricated and developed solely by me. I outlined the 

experimental plan and performed most of the experiments. Data analysis was done solely by me. 

An undergraduate research assistant, Risavarshni Theyakumaran, helped to perform some of the 

experiments.



 

4.1 Introduction 

Higher order soft colloidal complex systems are widely used to generate multicompartment 

hydrogels, functional particles, and capsules [175]–[179]. For example, double emulsions are used 

for a broad range of applications in the pharmaceutical setting, such as for controlled drug release 

[180]–[182], and encapsulation of active ingredients such as drugs and other molecules [183], 

[184]. These systems are also used in cosmetics [185] and in the food industry, for encapsulation 

of vitamins and additives [186]–[188].   

Conventional methods, such as bulk emulsification techniques [189], produce emulsions which 

are polydisperse. However, in many of the aforementioned applications—especially 

pharmaceutical applications—a narrower size distribution is required to control the function of the 

microcarriers [190], [191]. Microfluidic platforms enable the generation of higher-order 

emulsions, and engineering of complex structures within emulsions in a controllable and 

monodisperse fashion. Generally, two preferable types of microfluidic platforms are used to 

generate higher-order emulsions. One is soft lithography-based poly(dimethylsiloxane) (PDMS) 

microfluidic devices [192] that facilitate the fabrication of complex device layouts for advanced 

applications and mitigate issues for large-scale production. The other type is glass capillary 

systems [75] which are being used extensively to generate monodisperse double emulsions [192]. 

The formation of double emulsions in microfluidics requires flows of two or three immiscible 

fluids in precisely designed microchannels. The break-up of the droplets, in microfluidic systems, 

is dominated by a balance of two forces: the viscous force of the continuous phase that stretches 

the dispersed phase into the channel and the surface tension of the interacting fluids that tends to 

minimize the interfacial area [147]. In conventional double-emulsion platforms, fluids are selected 

to have a higher interfacial tension to assure the break-up of the droplets, and as a result, one or 

two of the phases are typically organic-based and the rest are aqueous [193]. In many 

biotechnological applications, the presence of the organic phase can be harmful due to their non-

biocompatible nature. Therefore, an organic solvent-free method is desired to fabricate nontoxic 

emulsions for biotechnological applications. 

To address the need for a biocompatible alternative, some researchers propose utilizing ATPS, to 

generate all-aqueous biocompatible emulsions in microfluidics [129], [152], [157]. ATPS is 
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formed by mixing two incompatible polymer solutions, or salt and polymer solutions, that separate 

into two distinct immiscible phases. Systems based on DEX and PEG are highly studied in the 

literature. Traditionally, these systems are used for different biotechnological applications, such as 

partitioning of biomolecules [140], and cell patterning [142], [194]. In recent years, techniques for 

microfluidically generating of water-in-water droplets are emerging using both active [128], [151], 

[153] and passive [34], [129] approaches. Despite these advances in generating single water-in-

water droplets, there is very little work done in making higher order all-aqueous biocompatible 

emulsions, where one or more intermediate phases separate the innermost core from the continuous 

phase. Such higher order all-aqueous emulsions may facilitate the controlled release of 

encapsulated substances [195], and avoid cross-contamination of the phases [196]–[198]. Thus, 

there is a need for methods that fabricate higher order monodisperse all-aqueous emulsions. 

Higher order ATPS emulsion formation is currently only achievable in microfluidics by exploiting 

the non-equilibrium driven phase separation inside droplets that are first generated as a single 

phase [152], [155]. For example, Chao et al. [76], generate droplets of a ternary mixture of 

aqueous-based solute, which are initially out-of-equilibrium. The mixture inside the droplets then 

phase separate to form two, three or four sub-droplets inside the main droplet. This system 

generates higher order ATPS emulsions, but requires an accurate selection of the initial 

composition of the fluid system. In addition, emulsion formation by phase separation is highly 

dependent on the kinetics of phase separation, which may be affected by the generation mechanism 

and depends upon the time-scale of phase separation. A more controllable approach may be to 

generate higher order emulsions using already phase separated ATPS. Yet to date, there are no 

published reports of microfluidically generating higher order ATPS emulsions using already phase 

separated ATPS. 

In this manuscript, we describe a platform that overcomes the aforementioned challenges, to 

produce higher order emulsions based on phase separated ATPS. We show, for the first time, a 

PDMS-based microfluidic device, which we call a hybrid device, that can generate multiple 

emulsions by injecting phase separated aqueous phases using pressure pumps. We use a 

microneedle-assisted flow-focusing design [34] with a coaxially embedded glass capillary that is 

positioned downstream of the flow inlets, inside the channel, at the second flow-focusing junction. 

This approach facilitates the isolation of the dispersed phases from the channel walls, which 
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prevents wetting issues from occurring within the PDMS-based microfluidic channel, without any 

chemical surface treatment procedures [199]. In systems comprised of PEG and DEX phases, it is 

known that PEG is more hydrophobic, compared to DEX [159]. As well, in PDMS-glass based 

microfluidic devices that are not surface treated, the PDMS walls are more hydrophobic than glass. 

The surface properties of microfluidic devices can be tuned via plasma [200] or chemical treatment 

[201]. In conventional PDMS-glass based devices, the sheath flow may not be able to prevent 

contact between the dispersed phase and the channel walls. Upon contact, if the dispersed phase 

has a lower surface energy when in contact with the walls, compared to the sheath flow, then the 

dispersed phase tends to wet the walls of the device. As a result of this effect, a stable flow of 

dispersed phase, surrounded by the sheath flow, cannot be observed. These issues hinder the 

breakup of dispersed phases in the channels. Therefore, in conventional PDMS-glass devices, since 

both PDMS walls and PEG phase are relatively hydrophobic, the PEG phase tends to wet the walls. 

It is therefore challenging to form PEG droplets in a continuous phase of DEX, in conventional 

PDMS-glass microfluidic devices. 

In our system, the dispersed phase flow is focused from all directions and isolated from the channel 

walls, so that the dispersed phase does not wet the walls. This approach enables the generation of 

PEG droplets surrounded by a continuous DEX phase, which has not been demonstrated using 

other microfluidic methods. 

Since our approach is based on a platform made with photolithography, as opposed to fully glass 

capillary systems that require capillary tapering and careful alignment, our approach features better 

channel dimension consistency and integration for more complex layout designs in lab-on-a-chip 

applications, and easier parallelization [164]. The configuration of this device facilitates a 

controllable approach to generate higher order all-aqueous emulsions using already phase 

separated ATPS. Moreover, is versatile for the generation of both DEX droplets in PEG, and PEG 

droplets in DEX. Fabrication of PEG droplets within a DEX continuous phase may find 

applications for encapsulation of target cells and biomolecules that have a higher affinity to PEG, 

such as for immunoaffinity of ATPS for stem cells recovery and purification [171].     

We first describe the design of the hybrid device, and then characterize the system by analyzing 

the inlet pressures which result in the formation of double emulsions. Solely adjusting the pressure 

imposed by the outermost phase allows for controlled tuning of the diameter and the shell thickness 
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of the double emulsions. We investigate the effect of applying a sinusoidal pressure wave function 

on the outermost phase and observe the changes in diameter and shell thickness of the double 

emulsions for various wave amplitudes. In addition, we study the effect of constant amplitude 

waves, with various periods, on the diameter and shell thickness of the double emulsions, as well 

as their inter-droplet distances. Then, we demonstrate that the volume of the fabricated double 

emulsions can be tuned by disrupting the system’s equilibrium. Finally, we show that this 

technique can be applied to generate triple emulsions. We anticipate that this platform will be 

useful in various biotechnological applications, such as the delivery of bioactive agents [186], 

[202], cell transplantation [203], and for modeling cellular processes such as cellular phase 

separation [204], [205].  

4.2 Experimental methods 

4.2.1 Chemical preparation 

The ATPS solutions we use is composed of a mixture of PEG (Mw: 35 kDa, Sigma-Aldrich, St. 

Louis, MI, USA) and DEX (Mw: 500 kDa, Pharmacosmos, Holbaek, Denmark). To prepare the 

ATPS solutions, we follow the protocol in the literature [38]. We prepare three different sets of 

ATPSs (Table 4.1) by centrifuging (Sorvall Legend RT, Germany) the mixture of DEX and PEG 

phases at 1,400 RPM for 1.5 hours. Then PEG-rich and DEX-rich phases are separated extracted 

by using a serological pipette.  
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Table 4.1: Concentration of stock solutions and equilibrated PEG-rich and DEX-rich phases. 

ATPS 

Stock Solution 
 

 

PEG-rich Phase 

 

DEX-rich Phase 

PEG % 

(w/v) 

DEX % 

(w/v) 

PEG %  

(w/w) 

DEX % 

(w/w) 

PEG %  

(w/w) 

DEX % 

(w/w) 

1 10 12.8  7.489 0.817  0.001 16.106 

2 20 25.6  14.857 1.573  0.001 29.943 

3 5 6.4  3.158 1.570  0.724 7.139 

* Note: Interfacial tensions adopted from Atefi et al., 2014[38] 

Physical properties of all five sets of ATPS illustrated in Table 4.2. The viscosity of each of the 

phase-separated solutions of DEX and PEG is found at ambient temperature of 23 ± 1 °C using a 

stress controlled rheometer (Physica MCR 301, Anton Paar, Graz, Austria) equipped with double-

gap measuring system (Standard measuring system DG26.7/T200/AL), as a function of shear rate. 

To carry out the viscosity measurements, about 8 ml of each solution is used and the viscosity is 

monitored with changes in shear rate (see Figure III.1, Appendix III for more details). For 

shrinking and expanding the double emulsions, we select two different ATPSs, ATPS 2, and ATPS 

3 from Table 4.1, respectively and DEX-rich phase of each system extracted to be used for each 

experiment, as the outer most continuous phase. We filter all the phases prior to use by passing 

through a PTFE syringe filter with pore size of 3 µm (Tisch Scientific, OH, USA) to remove 

particulates and impurities. 

 Table 4.2: Physical properties of three different ATPSs are used in the experiments.  

ATPS 
Viscosity, µ (mPa.s) Density, ρ (g/cm3) 

Interfacial 

Tension, γ (mN/m) 
PEG-rich Phase DEX-rich Phase PEG-rich Phase DEX-rich Phase 

1 14.70 ± 0.02 85.06 ± 1.60 1.01 1.06 0.082 ± 0.001* 

2 83.61 ± 0.10 696.21 ± 5.30 1.03 1.13 0.381 ± 0.006* 

3 4.99 ± 0.04 14.35 ± 0.07 1.01 1.03 0.012 ± 0.001* 

* Note: Interfacial tensions adopted from Atefi et al., 2014[38] 
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4.2.2 Device Fabrication  

 

Figure 4.1: a) Schematic diagram of the hybrid device, composed of a microneedle in the first inlet and an embedded 

glass capillary inside the microchannel between the first and second cross-junction, for double emulsions formation. 

b) First cross-junction in which the inner DEX phase flows through the microneedle and the middle PEG phase flows 

through the glass capillary. c) The two concentric phases arrive at the second cross-junction from the glass capillary. 

The outer DEX phase causes the ATPS jet to breakup to double emulsions via a Rayleigh–Plateau instability. d) 

Double emulsions form inside the microchannel. e) Emulsions collet in a reservoir downstream the channel. The scale 

bar represents 300 µm. 

Microfluidic devices are fabricated based on the standard soft lithography method [164]. As seen 

in Figure 4.1a, the microfluidic device for double emulsion formation is a flow-focusing device 

with two junctions. It is comprised of three inlets for the dispersed phase, continuous phase, and 

outermost continuous phase, and one outlet. The widths of the channels for the dispersed phase 

and two continuous phases are 100 and 150 µm, respectively. The width of the channel leaving the 

first cross-junction to the second cross-junction is 200 µm, and the width of the channel 

downstream after the second cross-junction is 300 µm. The height of all channels is 400 µm.  
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In order to fabricate triple emulsions, and shrink and expand double emulsions, we fabricate 

another device identical to the device for double emulsion formation, but with four inlets and three 

cross-junctions. The width of the channel downstream of the last cross-junction is 450 µm, and the 

remainder of the dimensions are similar to those of the double emulsion device.   

We design the layout of microchannels using SolidWorks 2016 (Dassault Systèmes, Waltham, 

MA, USA) and print a photomask on a transparency sheet (25400 dpi, CAD/Art Services Inc., 

Bandon, OR, USA). Then, we construct the channel features on a 4-inch diameter silicon wafer 

(UniversityWafer Inc., Boston, MA, USA). After spin-coating SU-8 2150 photoresist 

(MicroChem, Newton, MA, USA) on the wafer, we expose the wafer to UV light through the 

photomask. Finally, we dissolve the wafer in a developer solution (MicroChem, Newton, MA, 

USA) to remove the unexposed photoresist. 

We prepare the microfluidic chip by pouring a 10:1 ratio mixture of PDMS resin to curing agent 

(Sylgard 184, Dow Corning, Midland, MI, USA) onto the silicon master mold and leave it in an 

oven for 2 hours to cure, at 70C. Then, the PDMS slab is removed from the wafer, and using a 1-

mm diameter biopsy puncher (Integra Miltex, Inc., Rietheim-Weilheim, Germany) all the inlets 

are made. After that, we use a 4-mm biopsy puncher to punch a hole for the outlet and another hole 

as the alignment window (Figure 4.1a) to adjust the glass capillary vertically, within the channel.  

To fabricate the hybrid device, we modify the chip to coaxially focus the flows in a three-

dimensional configuration and isolate dispersed phases from the channel walls [34]. To do so, we 

first cut a a cylindrical glass capillary (I.D. = 150 µm, O.D. = 250 µm; Whale Apparatus, 

Hellertown, PA, USA) to a length of 7 mm, using a ceramic tile (Shutter Instrument Co., Novato, 

CA, USA). The glass capillary is manually inserted inside the channel between two cross-

junctions. In order to generate triple emulsions, we use the device with four inlets and insert 

another glass capillary (I.D. = 300 µm, O.D. = 400 µm; Whale Apparatus, Hellertown, PA, USA) 

with the same length of the first one between the second and third cross-junctions. For the 

shrinking and expanding experiments, we use the same device with four inlets, but we insert the 

glass capillary with I.D. = 150 µm and O.D. = 250 µm between the first and the second cross-

junction. 

After cleaning a glass slide (VWR International 76 × 26 mm Plain Microscope Slides, PA, USA), 

we stick three layers of tape (3M, St. Paul, MN, USA) on it and cut a frame of the same size as the 
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alignment window on the tape, and peel off the reminder of the tape and leave the small frame. 

This allows us to adjust the position of the glass capillary vertically to the center of the channel by 

elevating the glass capillary for 60 µm from the bottom of the channel. We use oxygen plasma 

treatment (Harrick Plasma, Ithaca, NY, USA) to bond the PDMS slab and the glass slide 

irreversibly. After the bonding the PDMS and glass slide, we insert the glass capillary, through the 

alignment window, to sit over the layers of the tape and properly align it and filled the window 

with silicone sealant (General Electric, Boston, MA, USA). After that, we cut the PDMS slab at 

the dispersed phase inlet and stick four layers of tape underneath the microneedle to elevate it and 

obtain an 80 µm gap between the needle and the glass slide. Finally, we insert a metallic 

microneedle (34G; I.D. = 100 µm, O.D. = 200 µm; Japan Bio Products, Tokyo, Japan) through the 

channel to reach the first cross-junction. We inspect proper alignment of the glass capillary and 

the microneedle under a stereomicroscope (E-Zoom 6 V, Edmund Optics Inc., Barrington, NJ, 

USA). To secure the microneedle in the place and seal it, we bond it to the glass slide and the 

PDMS slab using two-component epoxy glue (ALUMFAST®, HY-POXY® Systems, Inc., SC, 

USA) and connect a tubing (Saint-Gobain, Malvern, PA, USA) to the needle using the same epoxy 

glue.  

In our device, we choose to use a metallic microneedle as the first conduit, followed by a glass 

capillary as the second conduit. Here, part of the first conduit is outside of the main device, so the 

metallic microneedle is used because of its resistance to breaking. A glass capillary is used as the 

second conduit because of the ease of cutting glass capillaries into desired sizes. 

4.2.3 Microfluidic setup 

All the flows are injected into the microfluidic device through PEEK tubing (O.D. = 1/16”, I.D. = 

0.020”; IDEX Health and Science), using a microfluidic flow control system (FLOW EZTM, 

Fluigent, Paris, France), and are controlled by a Microfluidic Automation Tool software (Fluigent, 

Paris, France). Experimental images and videos are captured using a high-speed camera (Miro 

M110, Vision Research, Wayne, NJ, USA) connected to an inverted brightfield optical microscope 

(Axio Observer A1, Carl Zeiss, Oberkochen, Germany).   
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4.2.4  Preparation of lysozyme 

The ultralow interfacial tension of ATPS limits the adsorption of surface-active species at the 

interface and this adsorbtion effect is strongly depreciated which lowers the free energy of the 

interface, and hinders the practical stabilization of ATPS emulsions [206]. In order to stabilize the 

double emulsions collected in the outlet (Figure 4.1e), we follow a protocol in ref. [206]. that 

successfully stabilizes ATPS emulsions. In this protocol protein fibrils used with strong interface 

affinity and high aspect ratio to have higher surface coverage.  The protein fibrils used in this 

protocol have strong interface affinity and they prepared  

Using this method, to prevent coalescence of double emulsions we add 2 % (v/v) lysozyme from 

hen egg whites (Sigma Aldrich, St. Louis, MO, USA) to all ATPS phases. To prepare the stock 

solution of lysozyme, we mix 0.1 % (w/v) lysozyme in deionized water and mix the solution using 

a vortex mixer. Then the solution is left in an oven at 70 °C for 5 days. 
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4.3 Results and discussion 

4.3.1 Formation of double emulsions 

 

Figure 4.2: a) Schematic diagram of the hybrid device for producing double emulsions. The inner DEX phase is 

introduced via the microneedle, and meets the middle PEG phase at the first junction. The co-flowing phases flow 

into the glass capillary as a thread. The outer DEX phase is introduced at the second cross-junction. Here, the thread 

formed by co-flowing inner DEX and middle PEG phases breakup into emulsions due to the Rayleigh-Plateau 

instability. b-f) Experimental images of double emulsion formation in different locations inside the microchannel. g) 

A phase diagram illustrates the pressure ranges, indicated with solid bars, in which double emulsions form. Here, the 

constant pressure ratio PPEG Mid / PDEX In = 1 2⁄ . Higher values of PDEX Out, above the solid bars, lead to backflow, and 

lower values result in double emulsions that have two or more droplets encapsulated in a bigger droplet. Further 

decreases in PDEX Out lead to the formation of long threads. h) A plot of inner droplet diameter Di, outer diameter Do, 
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and shell thickness t, versus the outer DEX phase pressure, PDEX Out. Here, inner DEX and middle PEG pressures are 

PDEX In = 20 mbar and PPEG Mid = 10 mbar, respectively. All error bars corresponded to ±1 standard deviations in a 

sample size of ten emulsions (some statistical errors are smaller than the symbol size). See Table III.1, Appendix III 

for statistical analysis. Scale bar represents 150 µm. 

Figure 4.2a shows a schematic diagram of the hybrid microfluidic device, and the polymer phases 

introduced through the inlets to form double emulsions. In this experiment, the working fluid is 

ATPS 1 from Table 4.1, which phase separates into the PEG-rich phase, PEG 1, and the DEX-rich 

phase, DEX 1, with equilibrium concentration values indicated in Table 4.1. We introduce DEX 

1, PEG 1, and DEX 1 through the Inner DEX Phase, Middle PEG Phase, and Outer DEX Phase 

inlets, respectively, to form double emulsions (shown in Figure 4.2a). 

The breakup of liquid threads, including in microfluidic systems, is typically described by the 

Rayleigh-Plateau instability [152], [205] Qualitatively speaking, increasing the continuous phase 

pressure, for example the outer DEX phase pressure for our double emulsion generation 

experiments, reduces the unperturbed radius of the thread coming out of the flow focusing 

junction. Therefore, if the other two pressures, PDEX In and PPEG Mid, are constant, this reduction of 

the unperturbed thread radius leads to earlier thread breakup into emulsions. This qualitative 

explanation is consistent with our experimental observations that higher continuous phase pressure 

leads to emulsion generation, and lower continuous phase pressure results in thread formation 

(Figure 4.2g). Figures 4.2b-4.2f show experimental microscope images of our double emulsion 

generation experiment in different stages. Figure 4.2b shows the first cross-junction, where the 

inner DEX phase, DEX 1, flows out of the microneedle and is flow focused by the middle PEG 

phase, PEG 1, to form a thread. The DEX 1 thread, cladded by PEG 1, flows through the glass 

capillary, and enters the second junction where it is cladded by the outer DEX phase flow, DEX 

1. Downstream of the second junction, the outer DEX phase co-flows with the concentric 

cylindrical threads of the inner and middle phases (Figure 4.2c). Further downstream, the 

interfaces of the inner and middle phase threads begin to exhibit perturbations (Figure 4.2d). This 

finally leads to the pinch-off of the concentric cylindrical threads into bullet-like shape double 

emulsions (Figure 4.2e). We note that the double emulsions only appear bullet-like in the 

microfluidic flow, due to shear stresses imposed by the flow. Once the flow is stopped, the double 

emulsions relax to a spherical shape (Figure 4.2f). We define experimental results as thread 
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formation (see for example, Figure 4.2g) when breakup occurs beyond 4 mm past the second flow 

focusing junction. We regard breakup before 4 mm to be results of emulsion generation. 

Figure 4.2g represents a phase diagram that indicates when double emulsions are generated under 

different inner DEX phase pressure, PDEX In, and outer DEX phase pressure, PDEX Out. Here, we fix 

the ratio of the middle PEG phase pressure, PPEG Mid, to the inner DEX phase pressure, PDEX In, such 

that PPEG Mid / PDEX In = 1 2⁄ . We observed experimentaly that for this ratio we are able to explore 

the widest range of double emulsion formation within our time constraints. We find that high 

values of PDEX Out lead to backflow of the inner and middle phases. At low values of PDEX Out, double 

emulsions with two or more inner droplets form. Lowering PDEX Out further results in the formation 

of a long thread inside the channel. In the pressure ranges indicated by solid bars in Figure 4.2g, 

the breakup of the threads leads to emulsion suspensions with more than 95 % being double 

emulsions. (images from other experimental conditions in Figure III.2). The size of the emulsions 

appears to depend on the magnitude of the shearing force supplied by the sheath flow. Increasing 

the sheath flow pressure causes the thread to have a smaller radius before breakup as described in 

the paragraph above, and thus decreases the size of the generated droplets. For double emulsion 

generation, the size of the shell PEG layer, and the core DEX droplet, can be tuned by controlling 

the pressure of the outer DEX phase, PDEX Out. Increasing PDEX Out similarly results in a higher shear 

force, and the formation of smaller PEG compartments with smaller DEX droplets within (see 

Figure 4.2h). The same explanation could be extended to the case of triple emulsion generation. In 

this approach, we use pressure pumps as the infusion mechanism. Constant flow rate syringe 

pumps, which control the flow velocity, can also be used. We describe the relationship between 

pressure and flow velocity in Appendix III. 

We also investigate how the inner and outer diameter, Di and Do, respectively, of the double 

emulsions, change with varying values of PDEX Out while PDEX In and PPEG Mid are kept constant. We 

report the resulting shell thickness, 𝑡 =
𝐷𝑜−𝐷𝑖

2
. Namely, Figure 4.2h illustrates the effect of 

changing PDEX Out for constant inner DEX and middle PEG pressures, PDEX In = 20 mbar and PPEG 

Mid = 10 mbar, respectively. We note that increasing PDEX Out increases the viscous shear force 

applied on the thread, resulting in decreases of the size of the concentric flows and ultimately, 

leads to the formation of smaller droplets, and lower values of the shell thickness, t. The double 
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emulsions are produced in a jetting regime, with an average inner droplet diameter coefficient of 

variation, CVi = 5 %, and outer droplet diameter coefficient of variation, CVo = 6 %.  

4.3.2 Controlling the shell thickness 

 

 Figure 4.3: Inner and outer droplet diameters, Di, and Do, respectively, and shell thickness, t, versus the inner DEX 

phase pressure, PDEX In. Here, the outer DEX phase pressure follows a half-wave rectified sinusoidal waveform with 

amplitude, PMax = 300 mbar and period T = 500 ms. All error bars corresponded to ±1 standard deviations in a sample 

size of ten emulsions (some statistical errors are smaller than the symbol size). See Table III.2, Appendix III for 

statistical analysis. 

The shell thickness of double emulsions is an important parameter for many applications, for 

example in drug delivery, where it is important to tune the shell thickness to control the release 

profiles of encapsulated drugs efficiently [199], [207]. To control the shell thickness, we vary the 

inner DEX phase pressure, PDEX In = 15 – 50 mbar, while maintaining a constant middle PEG phase 

pressure, PPEG Mid = 10 mbar. We then apply a sinusoidal wave function for the outer phase pressure 

PDEX Out, where we adjust the amplitude, PMax, and the period, T, of the generated pressure waves. 

Specifically, we use a half-wave rectified sinusoidal waveform for the pressure PDEX Out. We set 

the wave amplitude PMax = 300 mbar and the period T = 500 ms (Figure 4.3a), and Figure 4.3b 

shows the resulting plot of droplet diameters Di, and Do, and shell thickness t versus constant 

values of PDEX In. The applied sinusoidal waveform perturbs the dispersed phase at the second flow 

focusing junction, resulting in the formation of double emulsions based on the set period, T, of the 

waveform. Since the period of the sinusoidal waveform is constant, increasing the pressure of the 

inner DEX phase leads to an increase in the volume of the dispensed inner DEX phase and thus 
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the size of the inner droplet increases for each breakup (see Figure 4.3b). The inner and outer 

droplet diameters increase approximately linearly with PDEX in, and the shell thickness t decreases. 

As shown in Figure 4.3b, increasing PDEX In from 15 to 50 mbar results in almost doubling of the 

inner diameter Di = 26 – 242 µm, while Do changes only about 20 %, Do = 245 – 295 µm. 

4.3.3 Controlling the distance between double emulsions 

 

Figure 4.4: a) Plot of inner and outer droplet diameter, Di and Do, and coefficients of variation of the inner and outer 

droplet diameters, CVi and CVo, versus the period T. Here, inner DEX and middle PEG pressures PDEX In = 25 mbar 

and PPEG Mid = 10 mbar, respectively; and the outer DEX phase pressure, PDEX Out, follows a half-wave rectified 

sinusoidal waveform with amplitude, PMax = 300 mbar and a range of periods, T = 0.3 – 1.3 seconds. b) Changes of 

inter-droplet distance, d, versus a range of periods. c-f) Experimental images illustrating the increase of the inter-

droplet distance for T = 0.3, 0.6, 0.9, and 1.2 seconds. All error bars corresponded to ±1 standard deviations in a 

sample size of ten emulsions (some statistical errors are smaller than the symbol size). See Tables III.3 and III.4, 

Appendix III for statistical analysis. Scale bar represents 150 µm.     
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The control of inter-emulsion distance is also important [208], because this distance can prevent 

or promote the coalescence of consecutive emulsions [209]. To control the distance between the 

double emulsions, we use the previous configuration—constant pressures for the inner and middle 

phase inlets, and a half-wave rectified sinusoidal wave function for the outer phase inlet. We fix 

PDEX In = 25 mbar, PPEG Mid = 10 mbar, and a half-wave rectified sinusoidal wave function for PDEX 

Out with an amplitude PMax = 300 mbar, and a range of periods, T = 300 – 1,300 ms (Figure 4.4).  

Figure 4.4a is a plot of the inner and outer phase droplet diameters, Di and Do, respectively, and 

the associated coefficients of variation, CVi and CVo, versus changing period T. Increasing the 

period T, of the sinusoidal pressure PDEX Out, results in higher volumes of the middle PEG phase, 

dispensed, before the breakup happens, which leads to approximately 63 % increase in Do. 

Moreover, the increase in period of the sinusoidal function induces a higher inner DEX phase 

flowrate, increasing Di by 80 %.  

Importantly, we also observe that decreasing the period T results in significantly lowering CV for 

both inner and outer phases diameters, CVi and CVo, respectively. Within the tested range of 

periods T, we obtain values of CVi and CVo down to approximately 1 % (Figure 4.4a), which is 

comparable to the CV reported in water-oil double emulsion systems [210]. Conversely, as the 

period T → ∞ —that is, at constant pressures—the CV increases to more than 5 %.  

Figure 4.4b represents the inter-droplet distance, d, versus the wave period, T, imposed on the 

outer DEX phase. Increasing the period of the sinusoidal wave, from T = 300 – 1,300 ms, increases 

the size of the generated double emulsions by 60 – 80 %. However, same changes of period T 

result in a much more significant changes in the inter-droplet distance, d. d increases by about 430 

% (from d = 460 – 2,470 µm) when the period is increased from T = 300 - 1,300 ms. Increasing 

the period of the sinusoidal wave for the outer DEX phase allows a longer time for the inner DEX 

and middle PEG phase to dispense and enter the second junction. This effectively allows for a 

larger volume of the inner DEX and middle PEG phases to enter the second junction. As a result, 

larger emulsions are produced. Since the breakup of the jet is controlled by the period of the wave, 

increasing the period results in an increase of the distance, d, between two consecutive emulsions 

(see Figure 4.4b). Figures 4.4c-4.4f show experimental images of double emulsions inside the 

microchannel for T = 300 – 1300 ms.  
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4.3.4 Formation of triple emulsions 

 

Figure 4.5: a) Schematic diagram of the hybrid device for generating triple emulsions. The inner DEX phase is 

introduced through the microneedle, and meets the middle PEG phase at the first junction. Then both phases flow into 

the first glass capillary as a thread. The middle DEX phase is introduced at the second cross-junction, where the inner 

DEX and middle PEG phases flow into the second glass capillary as a thread. The outer PEG phase is introduced at 

the third cross-junction. Here, the thread formed by co-flowing inner DEX phase, middle PEG phase, and middle DEX 

phase breaks up into triple emulsions due to the Rayleigh-Plateau instability. b-c) Experimental images of triple 

emulsions formed in different locations, for two different inlet pressure conditions. Scale bar represents 300 µm.     

To fabricate triple emulsions, we utilize a device with four inlets, and two glass capillaries. We 

use ATPS 1 for this set of experiments, and introduce the DEX-rich phase, DEX 1, to the device 

through the Inner DEX Phase and Middle DEX Phase inlets (Figure 4.5a). The PEG-rich phase, 

PEG 1, flows through the Middle PEG Phase and Outer PEG Phase inlets (Figure 4.5a).  

In this set of experiments, we apply constant pressures to the inlets. Figure 4.5b shows 

experimental images of triple emulsion formation in different stages: at the first junction, where 

the inner DEX phase forms a thread; at the second junction, where a concentric cylindrical thread 

is formed of the inner DEX phase cladded by the middle PEG phase; at the third junction, where 

the inner DEX phase, middle PEG phase, and middle DEX phase form a concentric cylindrical 
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thread that begins to experience interfacial perturbations; downstream of the third junction, where 

triple water-in-water-in-water-in-water emulsions form. In contrast to the double-emulsion 

formation experiments, we observe triple emulsions maintaining their round shape as they flow 

downstream in the microchannel. In Figure 4.5b we set the inlet pressures to PDEX In = 30, PPEG Mid  

= 15, PDEX Mid  = 20, and PPEG Out = 80 mbar. Figure 4.5c illustrates the generation of larger triple 

emulsions, the inlet pressures are PDEX In = 50, PPEG Mid = 10, PDEX Mid = 20, and PPEG Out = 60 mbar.  

4.3.5 Shrinking and expanding emulsions 

 

Figure 4.6: Shrinking and expanding the volume of double emulsions. a) Schematic of the hybrid device shown from 

the third cross-junction. Introducing a higher concentration phase, DEX 2, as the outer DEX phase triggers a non-

equilibrium which ultimately, results in water transfer from the PEG phase to its surrounding phase. b) Time-series 

images of a double-emulsion flowing downstream in the channel and shrinking with time. c) Schematic of the setup 

for expanding the volume of the double emulsion. Introducing a lower concentration of the outer DEX phase, DEX 3, 

leads to a water exchange between the PEG phase and the surrounding DEX phase and ultimately results in water 

transfer from the continuous phase to the PEG phase. d) Time-series of images of a double emulsion growing 

downstream in the channel. Scale bars represent 150 µm. 

Introducing a new aqueous phase that is out-of-equilibrium with the other aqueous phases in the 

microchannel, triggers a re-equilibrium process inside the microchannel. During the re-equilibrium 

process, there is an exchange of water molecules, alongside the polymer molecules, between the 
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phases. Recently, our group demonstrated the dynamic control of ATPS-based droplets by 

shrinking and growing DEX-in-PEG droplets [157]. Here, we demonstrate the proof-of-concept 

shrinking and growing of double emulsions using the same method. In order to shrink or expand 

the volume of the double emulsions, we modify triple emulsion generation microfluidic device, to 

include a long serpentine channel downstream of the third cross-junction. We embed one glass 

capillary (I.D. = 150 µm, O.D. = 250 µm) between the first and the second cross-junctions to form 

double emulsions, and we do not embed a capillary between the second and third cross-junctions.  

We use ATPS 1 to form double emulsions by introducing DEX 1 through the Inner DEX Phase 

and Middle DEX Phase inlets, and PEG 1 through the Middle PEG Phase inlet (Figure 4.6a). 

Through the Outer DEX Phase inlet, we introduce another DEX phase which has a different 

polymer concentration than DEX 1 (Figure 4.6a). Specifically, at the Outer DEX Phase inlet, we 

introduce a DEX phase that is different from DEX 1, so that the entire fluid system goes out-of-

equilibrium at the third cross-junction. The re-equilibrium process downstream of the third cross-

junction forces the double emulsion to exchange water content with the continuous phase until a 

new equilibrium is achieved [157]. To shrink the fabricated double emulsions, we use a 29.943 % 

(w/w) DEX-rich phase, called DEX 2 of ATPS 2 in Table 4.1, as the Outer DEX Phase. This higher 

concentration DEX phase causes a re-equilibrium of the double emulsion that shrinks the double 

emulsion (Figure 4.6a). Figure 4.6b shows experimental images of a double-emulsion before 

entering the third cross-junction (τ = 0 sec.), and after it travels downstream inside the serpentine 

channel (τ = 180 sec.). We measure 34 % and 37 % decreases in droplet volume, for the outer and 

inner droplets, respectively, during the re-equilibrium process.   

We also perform a reverse process to increase the size of the double emulsions. Here, we use a 

7.139 % (w/w) DEX-rich phase, called DEX 3 of ATPS 3 in Table 4.1, as the Outer DEX Phase 

(Figure 4.6c). DEX 3 has a lower polymer concentration than DEX 1. Figure 4.6c shows the 

schematic diagram of double emulsion expansion during re-equilibrium. Figure 4.6d shows images 

of a double-emulsion that experiences 40 % and 31 % increases in outer and inner droplet volume 

as the system re-equilibriates.   
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4.4 Conclusions 

In this work, we describe a microfluidic platform for the generation of all-aqueous double and 

triple emulsions based on ATPS. Our platform consists of a conventional multi cross-junction 

flow-focusing device, with a microneedle inserted into the first inlet [34] followed by the 

embedding of one or two glass capillaries inside the microchannel between different cross-

junctions. The glass capillaries help to prevent wetting of the microchannel walls by the disperse 

phases. 

This hybrid device setup enables the controlled generation of double and triple emulsions, based 

on equilibrated ATPS, which is differentiated from previously reported ATPS double emulsion 

microfluidic systems [76], [155]. We demonstrate the potential of this platform to control the 

diameter of the inner and outer droplets, the shell thickness, and the inter-droplet distances. 

Furthermore, we demonstrate the capability of this hybrid device to form triple emulsions with 

different sizes, using all-aqueous solutions which have ultralow interfacial tension. Finally, we 

conduct a proof-of-concept demonstration of “on the fly” shrinkage and growth of double 

emulsions through triggering re-equilibrium processes, by introducing a continuous phase which 

is out-of-equilibrium with the rest of the emulsion system [157]. 

This platform has advantages of both lithography-based microfluidic devices and glass capillary 

systems. Using this hybrid device circumvents wettability issues observed in typical microfluidic 

devices, and allows for complex designs of lab-on-a-chip systems. This technology could be used 

for a variety of different applications, such as for the generation of high-order emulsions with 

various combination of incompatible phases, the generation of microbubbles, and making 

microfibers with multiple layers. 
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Chapter 5: Conclusions and future work 

5.1 Summary of findings 

Soft biomaterials play an essential role in biomedicine and biological applications. These materials 

are used for biomedicine applications to enhance healing of damaged tissues, deliver biomolecules, 

drugs, and in biological applications for making cell colony-supporting matrices, single-cell 

isolation for further analysis, and cell culturing. Hydrogels and droplets are subcategories of these 

materials that have been extensively studied. 

Typically, the fabrication of emulsions is facilitated by the use of an organic solvent phase, because 

of the higher interfacial tension at the phase boundary. Since soft materials are used in biological 

and biomedical applications, the presence of any organic solvent such as oils could be harmful to 

the system and compromise cell viability. Conventionally, post-processing organic phase removal 

requires tedious and labour-consuming washing steps. The work described in this dissertation 

provides novel oil-free techniques to make non-spherical hydrogels and emulsions using all-

aqueous phases as alternatives to organic solvent based techniques, and limit their harmful effects. 

Chapter 2 presented a method based on electrohydrodynamic atomization to fabricate non-

spherical alginate-calcium hydrogels. Based on the literature review, the morphology of the 

particles affects the release profile of drug delivery systems. Therefore, the presented technique 

provides the fabrication of particles with tunable shapes. These particles could be functionalized 

for more advanced applications, for example, encapsulating magnetic particles inside the 

hydrogels to make magnetizable hydrogels. To demonstrate cellular encapsulation functionality, 

we captured breast cancer cells. Using electrohydrodynamic atomization also gives increased 

throughput, which is of vital importance for scaling up production. 
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Chapter 3 introduced a microfluidic platform to generate water-in-water droplets with a wide range 

of diameters and in a high production rate. We use PEG and DEX to form droplets inside a 

microchannel. Even though both phases are hydrophilic, PEG shows more hydrophobic behaviour 

compared to DEX, so it has historically been challenging to creat PEG-in-DEX droplets. Using a 

microneedle to introduce the dispersed phase inside the microchannel facilitates the production of 

droplets, either PEG or DEX, by isolating the disperse phase from having any interaction with the 

channel walls, and boosting the throughput of the system. Since we used a microneedle, we were 

able to show the fabrication of PEG-in-DEX droplets for the first time.  

Chapter 4 utilized the technique described in Chapter 3 to fabricate higher order all-aqueous 

emulsions, like double and triple emulsions. We used conventional flow focusing geometries with 

two cross junctions to fabricate double emulsions, and then three cross junctions for triple 

emulsions. This is the first reported platform that generates already phase separated ATPS to form 

higher order emulsions. Utilizing pressure pumps and applying sinusoidal waveforms for the 

inlets, we presented a method to control the shell thickness of the double emulsions and inter-

droplet distances. Moreover, by introducing an out-of-equilibrium aqueous phase, we triggered a 

re-equilibrium process inside the microchannel to induce the exchange of water molecules. This 

exchange causes a double emulsion system to shrink or expand based on the concentration of the 

out-of-equilibrium phase.  

5.2 Contributions 

The research presented in this dissertation demonstrates novel oil-free approaches to make 

hydrogels, droplets, and higher order emulsions by utilizing microfluidic methods. We used all-

aqueous fluid systems to overcome the many shortcomings of organic solvent based systems in 

biological environments. To accomplish the development of these systems, the following goals 

were fulfilled:  

(i) The electrohydrodynamic atomization based fabrication of non-spherical hydrogels in 

a high throughput manner. We demonstrated effective parameters to control the 

morphology of the particles and also functionalized the hydrogels.  

(ii) Development of a microfluidic platform to generate a wide diameter range of DEX-in-

PEG droplets with a high production rate by isolating the disperse phase from the 
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microchannel walls. This platform is also capable of producing PEG-in-DEX droplets, 

for the first time.  

(iii) Fabrication of higher order of all-aqueous emulsions using a novel design, and 

integration of a glass capillary system with the lithography-based microfluidic system. 

We presented a straightforward technique to generate double and triple emulsions using 

already phase separated ATPS. The presented platform is capable of controlling the 

shell thickness and inter-droplet distances of double emulsions by utilizing a sinusoidal 

wave function applied on the third inlet. We demonstrated the shrinkage and expansion 

of the fabricated double emulsions by introducing out-of-equilibrium phases, which 

then trigger a re-equilibrium process and water molecules exchange between the 

phases.   

Finally, this research provides practical steps to replace traditional systems of making hydrogels 

and emulsions in which organic solvents are used, with oil-free techniques using all-aqueous 

approaches. 

5.3 Future work 

All-aqueous fluid systems circumvent the drawbacks of organic solvent based systems. 

Developing these systems is inevitable due to their beneficial mechanical and biocompatibility 

properties. In droplet formation, for example, using water-organic solvent two-phase systems 

relies on the high interfacial tension between the phases to spontaneously make the dispersions. 

However, the organic solvent phase is not biocompatible and could be harmful to biological 

environment. The results presented in this dissertation, using the developed platforms and 

techniques, provide a pathway for using oil-free systems for the fabrication of soft materials. 

ATPSs, for instance, provide a biocompatible environment that not only helps to maximize the 

viability of biological samples, but the polymers used as the phases could also have a stabilizing 

influence on biocatalysts [42].  

The technology presented in Chapter 2 could be extended to study the modelling of drug release 

behaviour for hydrogels with different morphologies. Controlling the porosity of the hydrogels 

presented in this dissertation could be beneficial for delivery of different sizes of drug molecules 

or bioactive materials.   
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The platforms presented in Chapters 3 and 4, can be utilized to further investigation of ATPS in 

microfluidics. ATPS is conventionally used to partition biomolecules in one phase and increase 

the concentration of target molecules such as protein for purification and extraction [139], [143]. 

Since microfluidics offers exclusive advantages in the control and manipulation the small volumes 

of fluids, from microliter to femtoliter, the presented platforms in Chapters 3 and 4 could be used 

for cell partitioning purposes in one, two, or more layers of ATPS.  

The platform presented in Chapter 4 could be used to generate microfibers. We are able to generate 

fibres with a solid core, or as core-shell fibres (hollow fibres) for different biomedical applications 

such as for regenerative medicine and vaccine encapsulation. Moreover, these microfibers could 

be used in biological applications such as for cryopreservation, the process of freezing cells for 

long term storage.  
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Appendix I: Supplementary information 

for Chapter 2 

 

This section is published as the supplementary information for the following paper: 

 

Jeyhani, M., Mak, S. Y., Sammut, S., Shum, H. C., Hwang, D. K. and Tsai, S., “Controlled 

electrospray generation of non-spherical alginate microparticles.” ChemPhysChem. 2018, 1-7. 

https://doi.org/10.1002/cphc.201701094 

  

https://doi.org/10.1002/cphc.201701094
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Our hypothesis of the formation mechanism of hemispherical particles: 

Droplets dispense out of the glass capillary emitter under the effect of the electric field. The electric 

field generated by the power supply polarizes the liquid. The positively charged droplets are 

induced to migrate away from the emitter, towards the negatively charged ring electrode, and to 

the bath. The droplets experience a swift migration from the emitter to the bath that leads to 

increasing the impacting energy of the droplets to the bath surface (Figure I.1a).  

 

Figure I.1: Formation of hemispherical particles. 

The timescale associated with droplet impact is very short, so the bath’s free surface remains 

relatively undeformed. The droplets therefore partially rebound from the free surface, before 

spreading on the free surface (Figure I.1b). Then, the droplets sediment and immerse in the bath, 

and solidify, fixing their shape (Figure I.1c). 

The calcium chloride concentration C and ring-to-bath distance Lb are important factors in 

determining the aspect ratio Ω. According to Figure 2.5, particles with lower aspect ratio Ω are 

formed for higher values of calcium chloride concentration C and/or ring-to-bath distance Lb. 

Increasing the ring-to-bath distance Lb causes the droplets to impact with more kinetic energy, and 

leads to more droplet spread, and therefore, lower aspect ratio Ω. Increasing the calcium chloride 

concentration C increases the polymerization rate, so there is less time for the droplet rebound and 

cause the droplet to lose its spread shape.   
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 Characteristics of particles: 

According to Figure I.2, we define parameters h, the height of each particle, d, the effective 

diameter of each particle, and w, as the width of tails for cupcake-like and tadpole-like particles. 

The width, w, of the tail is the base length of the tail, measured from the two curvature inflection 

points that define the base of the tail. The Shape Index and Normalized Tail-Length in Chapter 2 

are defined based on the aforementioned variables.  

 

Figure I.2: This figure shows the height h, effective diameter d, and width w of the tail for three types of microparticles.  

In order to identify different microparticles, first, we consider the Shape Index SI = h - d / h + d. 

When SI < 0, the generated microparticle is of a hemispherical shape. When SI > 0, the particle is 

either cupcake-like or tadpole-like. So, when SI > 0, we also consider the Normalized Tail-Length 

TL = w/d. Here, when TL < 0.5  we define the particles to be tadpole-like microparticles, and when 

TL > 0.5 we define the particles are cupcake-like.  
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Physical properties of the solutions: 

Table I.1: Physical properties of 2 wt% alginate at room temperature. 

Dynamic Viscosity (kg/m.s) Surface Tension (mN/m) Density (kg/m3) 

2 × 10-3 66.5 978.6 

 

Table I.2: Density of the CaCl2 solution at room temperature 

Concentration (wt%) Density (kg/m3) 

1 1,006 

2.5 1,018 

5 1,042 

7.5 1,065 

10 1,087 
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Supplementary Information Video Legend:  

Video 1: Video shows the effect of a magnetic field on a magnetized microparticle. The 

hemispherical magnetic particle rotates as an external permanent magnet is moved around the 

microparticle. The alginate concentration in this experiment is 2 wt% and calcium chloride 

concentration C = 5 wt%. The ring-to-bath distance Lb = 20 mm. 

See this video at: 

https://onlinelibrary.wiley.com/action/downloadSupplement?doi=10.1002%2Fcphc.201701094&

file=cphc201701094-sup-0001-Movie_1.avi 

 

 

Video 2: Here, an external permanent magnet is moved around the magnetic microparticle, causing 

the microparticle to rotate and reveal its hemispherical shape. The alginate concentration in this 

experiment is 2 wt% and calcium chloride concentration C = 10 wt%. The ring-to-bath distance Lb 

= 20 mm. 

See this video at: 

https://onlinelibrary.wiley.com/action/downloadSupplement?doi=10.1002%2Fcphc.201701094&

file=cphc201701094-sup-0001-Movie_2.avi  
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Appendix II: Supplementary information 

for Chapter 3 

 

This section is published as the supplementary information for the following paper: 

 

Jeyhani, M., Gnyawali, V., Abbasi, N., Kun Hwang, D. & Tsai, S. S. H. “Microneedle-assisted 

microfluidic flow focusing for versatile and high throughput water-in-water droplet generation.” 

J. Colloid Interface Sci. 553, 382–389 (2019). https://doi.org/10.1016/j.jcis.2019.05.100 
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Microdroplet size sensitivity to microneedle position 

During the fabrication of our needle-assisted microfluidic devices, we manually fix the position of 

the needle. Since this is a manual process done under a microscope, it is difficult to ensure that the 

location of the needle relative to the microfluidic cross junction is always constant. Therefore, we 

perform experiments where we place the needle at different positions, relative to the microfluidic 

cross junction, and measure the sensitivity of the resulting droplet sizes to the needle position. 

We use our designed geometry as the baseline geometry, to compare with two other geometries 

that have different microneedle locations, to evaluate the sensitivity of the resulting droplet size to 

the microneedle location. Figure II.1 represents the position of the microneedle in the original 

design, where the microneedle tip protrusion, L = 120 µm, measured from the entrance of the cross 

junction. The other two devices have tip protrusions, L = 60 and 180 µm.  

 

Figure II.1: This figure illustrates the location of the microneedle in the original design, from the top view. In this 

design, the microneedle tip protrudes, L = 120 µm, out of the microfluidic cross junction. L = 120 µm is the baseline 

for studying the microdroplets’ size sensitivity to the microneedle’s location. 

We run a set of experiments for each device separately to generate droplets using DEX pressures, 

PD = 1.5 - 3.3 kPa and PEG pressure, PP = 2.0 kPa. We select PP = 2.0 kPa from the data shown 

in Figure 3.4 to have a wider range of droplet sizes generated. Figure 7.2 shows the effect of 

variation of the dispersed DEX phase liquid pressure, PD, on the resulting droplet diameter for 

different positions of the microneedle in the microfluidic device. Blue diamonds represent the 

baseline where L = 120 µm, green diamonds indicate tip protrusion, L = 60 µm, and red diamonds 

show data from L = 180 µm. The percentage difference is ~100%, between the highest and lowest 
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values if L. Despite this difference, all of the droplet diameter data lies approximately on the same 

line. This result suggests that the droplet diameter is relatively insensitive to the microneedle’s tip 

protrusion L, and thus, also insensitive to the precision of the placement of the microneedle relative 

to the microfluidic cross junction. 

 

Figure II.2: This figure shows the measured droplet diameter, versus the DEX phase liquid pressure, PD. Here, the 

PEG pressure PP = 2.0 kPa. The data from the baseline microneedle tip protrusion, L = 120 µm, is shown in blue 

diamonds. Green diamonds show data where L = 60 µm, and red diamonds show data from L = 180 µm. 
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Device Fabrication 

To make the photomask, we design the layout of microchannels using computer-aided-design 

(CAD) software (AutoCAD 2016, Autodesk, Inc., San Rafael, CA, USA) and print the design on 

a transparency sheet (25,400 dpi, CAD/Art Services Inc., Bandon, OR, USA). Then, we use a 4-

inch diameter silicon wafer (UniversityWafer Inc., Boston, MA, USA) as the substrate for channel 

feature construction. We spin-coat SU-8 2150 photoresist (MicroChem, Newton, MA, USA) on 

the wafer and expose the wafer to UV light through the photomask. In the end, we remove the 

unexposed photoresist by dissolving the wafer in a developer solution (MicroChem, Newton, MA, 

USA), and only microchannel features remain on the silicon wafer.  

To prepare the microfluidic chip, we pour a 10:1 ratio mixture of PDMS resin to curing agent 

(Sylgard 184, Dow Corning, Midland, MI, USA) onto the silicon master and cured in an oven for 

2 hours. Then, we remove the cured PDMS slab from the wafer and use a 1-mm diameter biopsy 

punch (Integra Miltex, Inc., Rietheim-Weilheim, Germany) to make inlet and outlet holes. After 

cleaning the PDMS slab and a glass slide, we use oxygen plasma treatment (Harrick Plasma, 

Ithaca, NY, USA) to bond the PDMS slab and the glass slide irreversibly.  
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Active Droplet Generation in Microfluidics [211] 

Table II.1 shows a list of active microfluidic platforms that mechanically perturb the flow to induce 

droplet formation. The methods have shown all generate water-in-oil or oil-in-water droplets, as 

opposed to ATPS droplets, in flow focusing geometries. This table helps to compare existing 

techniques used to form non-ATPS droplets with our proposed platform.   

Table II.1: List of water-in-oil or oil-in-water active droplet microfluidics platforms for droplet generation in a flow 

focusing geometry. 

Method Mechanism 
Diameter 

range (µm) 

Production 

rate (Hz) 
Solutions 

Piezoelectric 

Control 

Mechanical vibration 

[212] 
110 to 150 250-750 

D DI water 

C 
mineral Oil M5904, paraffin Oil 

76235, mineral Oil 330760 

Surface acoustic waves 

[213] 
88-236 161-171 

D water + bromophenol blue 

C 
HFE-7500 fluorocarbon oil + 

1.8% DuPont Krytox 157 

Pneumatic 

Mechanical chopping 

[214], [215] 
6-120 <17 

D DI Water + 0.1% Vitamin C 

C 

trioctanoin + polyglyceryl-2 

sesquiisostearate + PEG-10 

polyglyceryl-2 Laurate 

Periodic mechanical 

channel compression 

[216] 

31-146 <24 

D olive oil 

C DI water + 5% Triton X-100 

Periodic mechanical 

channel compression 

[217] 

5.5-55 <96 
D DI water + 5% Triton X-100 

C olive oil 

Hydraulic 

Periodic mechanical 

channel compression 

[218] 

24-40 <3000 

D water 

C 

HFE-7500 fluorocarbon + 5% 

1H,1H,2H,2H-perfluoro-1-

octanol + 1.8% fluoro-surfactant 

ammonium carboxylate 

C – continuous phase, D – dispersed phase 
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Appendix III: Supplementary information 

for Chapter 4 

 

This section is published as the supplementary information for the following paper: 

 

Jeyhani, M., Theyakumaran, R., Abbasi, N., Hwang, D. K. and Tsai, S., “Microfluidic generation 

of all-aqueous double and triple emulsions.” Small (2020). 
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Rheological behaviour of the ATPS solutions 

Based on the rheological measurements, the values of elastic modulus G’, for all the phase 

separated DEX and PEG solutions were orders of magnitude lower than the viscous modulus G”. 

Therefore, the solutions did not showcase any elastic behaviour and we only report values of the 

viscosity. Figure III.1, shows the changes of viscosity η, as a function of shear rate γ̇, for each 

phase separated solution. 

 

Figure III.1: A plot of viscosity η, versus the shear rate γ.̇ Here, there is no change for the viscosity for the applied 

shear rates indicating the solutions are Newtonian.   
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Table III.1: Statistical analysis of data in Figure 4.2h: 

PDEX Out (mbar) 
Droplet Diameter (µm) 

Number of  

samples 
Average Di Standard deviation Average Do Standard deviation 

70 110 6 223 10 10 

80 108 5 205 4 10 

90 100 2 189 5 10 

100 93 6 175 9 10 

110 88 8 151 11 10 

120 78 3 136 8 10 

130 63 1 107 5 10 

140 61 2 90 2 10 

150 51 3 68 5 10 

 

 

 

 

 

 

Table III.2: Statistical analysis of data in Figure 4.3b: 

PDEX In (mbar) 
Droplet Diameter (µm) 

Number of  

samples 
Average Di Standard deviation Average Do Standard deviation 

15 126 4 245 6 10 

20 150 6 247 6 10 

25 162 2 250 3 10 

30 183 5 260 5 10 

35 191 7 262 5 10 

40 208 2 270 2 10 

45 222 3 278 0 10 

50 242 5 295 5 10 
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Table III.3: Statistical analysis of data in Figure 4.4a: 

Period  (ms) 
Droplet Diameter (µm) 

Number of  

samples 
Average Di Standard deviation Average Do Standard deviation 

300 133 3 206 4 10 

400 154 3 223 4 10 

500 161 3 231 5 10 

600 174 5 232 5 10 

700 183 5 245 6 10 

800 198 6 254 8 10 

900 202 5 262 9 10 

1000 206 5 265 9 10 

1100 220 5 306 17 10 

1200 235 10 322 18 10 

1300 241 12 337 22 10 

 

 

 

 

 

 

Table III.4: Statistical analysis of data in Figure 4.4b: 

Period  (ms) Inter-droplet distance (µm)  Standard deviation Number of samples 

300 465 17 10 

400 670 17 10 

500 896 17 10 

600 1153 17 10 

700 1395 24 10 

800 1604 50 10 

900 1871 50 10 

1000 2069 40 10 

1100 2202 20 10 

1200 2380 50 10 

1300 2470 30 10 
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Relationship between pressure and velocity of the liquid inside the microfluidic device. 

Considering a steady pressure driven flow (Poiseuille flow), the flow speed could be scaled as: 

𝑢~
𝑎2

𝜇

𝑑𝑝

𝑑𝑧
, 

where a is the height of the channel, 𝜇 is the fluid viscosity, and 
𝑑𝑝

𝑑𝑧
 is the gradient of pressure in 

the flow direction, z. A constant flow rate infusion system can also be used for these double and 

triple emulsions generation experiments. 
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Different regimes of the phase diagram. 

Based on Figure 4.2g, different flow conditions lead to the formation of different emulsion regimes 

on-chip. Backflow can be observed for the cases that the outer DEX phase pressure is high enough 

to prevent the dispersed phase flow through the channel after the second cross-junction. Figure 

III.2a shows collected droplets from the generation regime in which the applied pressure from the 

outer DEX phase on the intermediate PEG and the inner DEX phase induce a regular breakup and 

formation of double emulsions. Figure III.2b shows collected droplets that are double emulsions 

with multiple DEX inner emulsions (Figure III.2b). 

 

Figure III.2: Different flow conditions results in different types of collected emulsions. a) Collected double emulsions, 

which are generated using experimental pressures, PDEX In = 60 mbar, PPEG Mid = 30 mbar, and PDEX Out = 400 mbar. b) 

Collected emulsions that have multiple inner droplets, generated using experimental pressures, PDEX In = 80 mbar, PPEG 

Mid = 40 mbar, and PDEX Out = 480 mbar. The scale bar represents 150 µm. 
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Appendix IV: Error analysis 

 

Error analysis [219] 

After each experiment, to analyze the results, we measured the size of different particles and 

droplets at the same experimental data point. Then we reported the arithmetic mean of the 

measured size to show the central tendancy of our observation. The mean value, �̅�, is sum of the 

i-th measured values of x divided by the number of measurments, N. 

�̅� =  
1

𝑁
 (∑ 𝑥𝑖

𝑁

𝑖=1

) 

And then to show the amount of variation of the mean value we calculated and reported the 

standard deviation, S, using the given formula:  

 

𝑆 =  √
1

𝑁 − 1
 ∑(𝑥𝑖 −  �̅�)2

𝑁

𝑖=1

 

Coefficient of variation (CV) 

The coefficient of variation (CV) is a statistical measurement that shows the dispersion of data 

around the mean value. The coefficient of variation is the ratio of the standard deviation, S, to the 

mean, �̅�, and mainly expressed as a percentage. 

𝐶𝑉 =  
𝑆

�̅�
× 100% 
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